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Evolutionary developmental biology has become a prominent field for investigating how 
developmental processes operate and change over time. An integrative approach encompassing 
morphological and genetic data is fundamental to evo devo; such integration has proven key to 
understanding how changes in gene expression and function can create novel phenotypes. While 
this approach has been successfully applied to well known model organisms, it has become 
apparent that truly understanding the breadth and evolution of developmental processes requires 
comparisons between many different organisms. Comparative studies thus require research to 
continually expand beyond traditional model organisms, especially in regard to species that 
feature novel traits. This has been particularly true for understanding the unique development of 
body plans in arthropoda, which are based primarily upon repeating segments that form 
phenotypically distinct units called tagmata. Tagmata often bear unique appendages, and 
generally define each of the major arthropod classes. However, while the body plan and 
developmental genetics of arthropods like the fruit fly Drosophila melanogaster have been 
extensively studied, much remains unknown about how developmental genes changed over time 
to produce aspects of the insect body plan that are unique, such as wings, or that notably diverge 
from the typical body plan of most insects. In this regard, mayflies (Ephemeroptera) are 
particularly appealing candidates for evo devo research. Mayflies are one of the earliest 
diverging group of winged insects, placing them at a phylogenetically important position 
amongst the pterygotes. The body plan of their nymphal stages is also different from most 
insects, as it bears functionally diverse abdominal appendages called gills. These gills are a key 
part of environmental adaptation in mayflies, and may share structural homology with the 
appendicular appendages seen throughout arthropoda. While mayflies have been studied 
extensively in regard to their ecological importance and phylogenetic position, little is known 
about their developmental genetics, especially in regard to appendage development. Thus, the 
purpose of this work is to bring an evo devo framework to mayflies by 1) describing their 
embryonic and nymphal ontogeny, especially in regard to their thoracic and abdominal 
appendages, 2) describing the expression of the Hox genes Antennapedia (Antp), Ultrabithorax 
(Ubx) and Abdominal-A (AbdA) during embryogenesis, and 3) identifying sequences for a suite 
of key developmental and cell signaling genes in a first instar nymphal transcriptome. In order 
to do accomplish these objectives, we have focused upon the widely dispersed  and large bodied 
mayfly, Hexagenia limbata (Ephemeridae).
Morphological descriptions of H. limbata ontogeny revealed that embryogenesis 
proceeds in a manner consistent with that seen in other studied mayfly species, with posterior 
body segments gradually appearing from the extending germ band. Likewise, nymphal 
appendage development in the first three instars was consistent with published literature on 
Hexagenia mayflies, namely in regard to the simultaneous development of five gill pairs on the 
abdomen and the similar size and shape of all three thoracic legs. We found that appendage 
development from post-third instars follows two main themes: the thoracic legs remain similar 
in size and shape, while the gills gradually increase in complexity by adding gill branches in a 
distal to proximal manner, as seen in other burrowing mayflies. 
While we were unable to assess Hox expression in nymphs, Antp and Ubx/AbdA 
expression during embryogenesis was highly conserved with that seen in non-holometabolous 
insects, especially Thermobia domestica (Zygentoma) and Gryllus bimaculatus (Orthoptera). 
Antp was strongly expressed in the posterior labial segment through the thorax, with a narrow 
stripe of expression down the central abdomen that is commonly associated with nervous 
system development. The combined expression profile for Ubx/AbdA ranged from the posterior 
T2 to the tenth abdominal segment, with strong staining seen at the T3/A1 border. These 
findings suggest that if Antp and Ubx/AbdA expression play a role in gill development, it is 
likely due to changes in gene function, expression during the first instar when gills develop, or 
changes to downstream appendage patterning gene regulation.
Transcriptomic sequencing was done using whole body, first instar mRNA, from which 
70,507,832 reads were generated. De novo assembly resulted in a 93,561 contig database, with 
60,861 of these having ≥ 10X average coverage. Two workflows were designed in order to 
assess and identify developmental and cell signaling genes of interest from this database. Our 
gene-specific workflow confirmed homologous sequence identity for 78 putative sequences 
belonging to 53 developmental and cell signaling genes of interest, with most top BLASTx hits 
matching insect homologs. Our second, Gene Ontology (GO) workflow filtered our contig 
database via a > 99 reads per contig criteria and provided a high quality contig database of 
37,023 contigs, from which 9,813 contigs were successfully mapped and annotated with GO 
terms. Most top BLASTx hits for these contigs were also from insect taxa, and the level two GO 
term profile for these contigs largely resembles those reported for other insect transcriptomes. 
This suggests that our transcriptome successfully represents a broad sampling of mRNA 
transcripts commonly found in whole body insect transcriptomes. Furthermore, GO term 
annotation tagged 841 and 996 of these contigs as relevant to developmental processes and 
signaling, respectively, indicating that additional candidate developmental genes or possible 
orthologs could be identified.
Future evo devo research on mayfly body patterning would greatly benefit from two 
distinct initiatives. First, sequences identified in the transcriptomic dataset can be used to 
synthesize riboprobes for in situ hybridization, enabling expression studies for many of the 
putative developmental genes identified. Such sequences can also be used to synthesize either 
dsRNA for RNAi or specific DNA sequences for CRISPR/cas9, which would allow functional 
experiments during mayfly development and potentially reveal both the genetics of gill 
development and how it compares to limb development in other insects. Second, developing 
molecular techniques in first instar nymphs would directly address how the mayfly body plan 
changes, since the sudden development of abdominal gills occurs in the second nymphal instar. 
With these initiatives, there remain abundant opportunities to investigate the development and 
evolution of mayflies’ novel body plan. 
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Chapter 1
Introduction
1.1. Evo Devo Review
Developmental biology has long held a central position in evolutionary thought: the very root of 
“evolution” is the latin “evolutio” which refers to a process of unfolding and is a hallmark of the 
days when embryogenesis was thought to begin with a fully preformed but miniaturized 
organism (Gould, 1977). In “The Origin of Species”, Charles Darwin argued that developmental 
biology provided key insights into his own interpretation of evolution (Darwin, 2006), thus 
consolidating a fundamental link between the two fields. Many evolutionary biologists after 
Darwin’s time likewise considered evolution and development fundamentally linked, with 
famous figures such as Ernst Haeckel proposing sweeping phyologenetic hypotheses and novel 
concepts of development (such as recapitulation) to explain the evolutionary history of life on 
earth. 
While developmental and evolutionary biology thus seemed inseparable, a wide array 
of complex factors from the late 1800s through the early 1900s began to isolate these fields 
from one another. Such factors included disillusionment with the speculative hypotheses 
regarding phylogenetics and developmental recapitulation, a culture-wide drive toward 
discipline-specific and mechanistic explanations for biology, and incompatibility between 
developmental evolution and the new experimental mindset of embryology and genetics (Allen,  
2007). The rediscovery of Mendelian inheritance and the rise of population genetics in the early 
20th century helped solidify such trends, and provide a basis for a modern synthesis of 
evolution that specifically defined evolution as changes in allele frequencies over time, but put 
little emphasis on developmental mechanisms. It was not until the latter 20th century that 
development and evolution began to once again intersect as a major research initiative under the 
guise of evolutionary developmental biology, or evo-devo. While many reasons can be cited for 
this renewed relationship, one key factor was the advancement of molecular and computational 
technology (Gerson, 2007). On the molecular front, technologies like Sanger Sequencing 
(Sanger et al., 1997) and Polymerase Chain Reaction (Saiki et al., 1988) enabled biologists to 
sequence and identify homologous developmental genes in different model organisms, while 
techniques like immunohistochemistry (IHC) (Coons et al., 1941) revealed where these genes’ 
products were localized during development. Further elucidating the role of different 
developmental genes were functional techniques like RNAi (Fire et al., 1998; Sen & Blau, 
2006). Collectively, these advancements enabled the molecular basis for development and 
evolution to be investigated in numerous models, enabling comparison-based studies that 
revealed extensive evolutionary connections between even distantly related taxa. Amassing such 
data at the genomic and transcriptomic levels became feasible in 2005 with the advent of 
second-generation sequencing (Margulies et al., 2005; Metzker, 2010). As the speed and cost of 
this technology improved (Schuster, 2008), next-generation sequencing transformed today's 
biology, making such techniques readily applicable even in new model organisms (Ekblom & 
Galindo, 2011). 
Hence, while modern evo-devo continues to draw connections between ontogeny and 
phylogeny as these two fields did in Darwin’s time, it now does so by conducting comparisons 
between organisms at both the morphological and genetic levels. A succinct way to summarize 
this new approach was provided by Mallarino & Abzhanov (2012), whom proposed that evo-
devo research programs entail three broad categories: morphological data (Fig. 1.1a), 
identification of candidate developmental causes (Fig. 1.1b), and functional studies of candidate 
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genes and pathways (Fig. 1.1c). Each of these categories in turn entail a wide array of 
complementary techniques that, by clarifying the relationships between genes, gene expression, 
and phenotypes, paints a clearer picture of the reciprocal relationship between ontogeny and 
phylogeny. For example, Konopova and Akam (2014) followed this evo-devo approach to study 
body plan development in the non-insect hexapod Orchesella cincta. They used electron 
microscopy to describe the abdominal appendages and body plan, while gene sequencing and 
IHC described the sequence and expression of their candidate genes. They then employed RNAi 
to functionally assess how their candidates regulate abdominal appendage development during 
embryogenesis. By applying these techniques with a comparative approach, they were able to 
identify changes in gene sequence and function that notably differed from that seen in other 
hexapods, revealing functional genetic changes during evolution that directly impacted 
morphological development. We have employed Mallarino & Abzhanov’s evo-devo framework 
to questions surrounding the evolution and development of the distinct mayfly body plan within 
Insecta. 
1.2. Body Plan Development in Arthropoda
Arthropoda has long been known as the most diverse animal taxa due to its wide array 
of segmented body plans (Giribet and Edgecombe, 2012). Arthropod body plans are described 
according to tagmata, which are identifiable by the presence or absence of distinct appendages 
on specific body segments. The appendages themselves are generally segmented, and can be 
defined as hollow outgrowths that serve a functional purpose (Snodgrass, 1935a). While major 
arthropod appendages such as walking legs and the gnathal appendages are ventral or ventral-
lateral in orientation, appendage-like dorsal structures such as wings have also played key 
evolutionary roles. The body plans and appendages of Arthropoda are readily distinguishable 
according to taxonomic position, with most arthropods organized into the large taxanomic 
groups of Chelicerata, Myriapoda, Crustacea, and Insecta, each with their own generalized 
tagmata (Hughes and Kaufman, 2002a). This diversity provides enumerable opportunities to 
investigate mechanisms of body plan evolution. However, assessing body plan relationships has 
proven historically difficult, often due to the difficulty of assessing homology. For example, 
arthropods were long considered sister to annelids on the presumption of homologous 
physiology and body plan segmentation (Snodgrass, 1935b, c), but were eventually reclassified 
with Nematoda as Ecdysozoa on the basis of genetic evidence (Aguinaldo et al., 1997; Telford 
et al., 2008) and shared developmental traits, such as exoskeletal molting. Similar issues arise 
when considering the development and homology of appendages that characterize arthropod 
tagmata, as in insects. 
The basic insect body plan bears three distinct tagmata: a head comprised of a 
protocephalon with antennae and the labial, maxillary, and mandibular feeding appendages, a 
thorax with three segments that each bear a pair of walking legs, and an abdomen of eight to 
eleven segments that is devoid of appendages except for genitalia (Snodgrass, 1935c, d). Most 
insect appendages can be divided into a proximal section called the coxa, which usually 
contains musculature, and a distal section named the telopodite, which bears a number of 
segments called podomeres (Snodgrass, 1935a). Podomere structure and number varies with 
appendage type. Including the proximal coxa structure (or coxopodite in some species), the 
generalized walking legs of insects contain six podomeres; the remaining five are the trochanter, 
femur, tibia, tarsus, and pretarsus, and comprise the distal telopodite (Fig. 1.2a). In addition to 
providing segmentation in the appendage, podomeres can be highly modified, and thus lend the 
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appendage unique functions. For example, the femur of many orthopteran walking legs are 
enlarged, which enables their enhanced jumping abilities, while extensive telopodite 
modifications in many insect species, like the elongated mouthparts of hemipterans, enable 
specialized feeding. 
Though the generalized body plan holds true for many insect species, there are a wide 
array of exceptions throughout Insecta that raise questions regarding appendage homology and 
body plan evolution. Some of these exceptions appear to lack morphological homology with 
typical insect appendages, such as the dorsal horns of many Scarabaeidae beetles (Kijimoto et 
al., 2013). Structures in several other insect taxa more closely resemble segmented insect 
appendages, but still defy the conventional insect body plan. For example, larva of the beetle 
Tribolium castaneum develop leg-like pleuropodia on the A1 segment during early 
embryogenesis (Fig. 1.2b), while Lepidopteran and sawfly larva bear several abdominal prolegs 
(Fig. 1.2c). The aquatic young of numerous insect taxa develop gill or limb-like appendages on 
their abdomen (Fig. 1.2d), which in some species are mobile. Body plan exceptions are also 
seen in early insect lineages such as the Zygentoma, which frequently exhibit abdominal styli 
(Fig. 1.2e). For all of these divergent body plans, assessing their true evolutionary nature 
requires an evo-devo approach that combines morphological and genetic data. 
Fortunately, candidate genes relevant to arthropod body plan development have been 
under investigation for decades, with extensive gene networks for body plan development first 
described in the classic model organism Drosophila melanogaster. In D. melanogaster, body 
patterning begins with the segmentation hierarchy, a cascade of regulatory genes that determine 
body axes and segmentation boundaries. Expression of segmentation gene products follows an 
overall pattern of increasing specification for particular segments of the developing embryo 
(Gilbert, 2014). This process begins with maternal effect genes like bicoid, bicaudal, and dorsal 
that maternally supply transcription factors to begin axis specification in the fertilized zygote, 
and are expressed in broad regions to specify dorsal-ventral and anterior-posterior axes. 
Maternal effect genes then activate kruppel, giant (Knipple et al., 1985; Capovilla et al., 1992), 
and other gap genes, which specify broad, multi-segment regions of the anterior-posterior axis 
via similarly broad regions of expression. Henceforth expression is segment-specific, first from 
the segment-polarity genes. Segment-polarity genes such as hedgehog (Heemskerk and 
DiNardo, 1994) are expressed in each parasegment of the developing embryo, and thus help 
establish the larval body segments. In the last segmentation step, the homeotic or Hox genes 
specify the identity of each body segment by regulating the development and identity of any 
appendages. The ten classical Hox genes are organized along a single chromosome in D. 
melanogaster, and are expressed in a proximal-distal fashion in order with their chromosomal 
arrangement (Lewis, 1963; Sánchez-Herrero et, al., 1985; Kaufman et, al., 1990). For example, 
the anterior Hox gene labial regulates head cap development (Merrill et al., 1989), while the 
Hox gene Antennapedia (Antp) is expressed in the thoracic segments and specifies the 
development of walking legs (Struhl, 1982). In the D. melanogaster abdomen, the Hox genes 
Ubx and AbdA collectively inhibit the development of abdominal appendages (Akam and 
Martinez-Arias, 1985; Karch et al., 1990; Vachon et al., 1992; Castelli-Gair and Akam, 1995).
Hox genes control segment identity in the insect body plan by regulating the expression 
of appendage patterning genes. For example, Ubx and AbdA prevent abdominal appendage 
development in D. melanogaster by inhibiting the expression of Distalless (Dll), which is 
required to develop the distal tip of many appendages (Cohen & Jürgens, 1989; Vachon et al., 
1992). The entire process of appendage development in D. melanogaster requires a complex 
array of gene interactions to specify the anterior-posterior, dorsal-ventral, and proximal-distal 
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appendage axes (Angelini & Kaufman, 2005) in the imaginal disks during embryonic and early 
larval development. During embryogenesis, expression of the segment polarity gene wingless 
(wg) initiates specification of thoracic appendage primordia, and later defines the ventral 
walking leg primordia from the dorsal wing-related primordia (Cohen et al., 1993). The 
expression of Wg and decapentaplegic (Dpp) is also key to activating Dll in order to specify 
distal appendage identity (Cohen et al., 1993; Lecuit & Cohen, 1997). Weaker levels of Wg and 
Dpp protein are sufficient to activate expression of dachshund (dac), which is localized in 
intermediate leg podomeres like the femur (Lecuit & Cohen, 1997). Mutational experiments 
have shown that dac is crucial for proper intermediate leg development, particularly of the tibia, 
femur, and proximal tarsal segments (Mardon et al., 1994). Both Dll and dac are reciprocally 
antagonistic with the expression of homothorax (hth), which localizes Extradenticle (Exd) to the 
nuclei of proximal cells and specifies proximal limb development, particularly the coxa (Abu-
Shaar and Mann, 1998). Thus, the genetic gradient arranged by Dll, dac, and Exd play a central 
role in specifying the podomeres of developing limbs in D. melanogaster.
These conserved developmental gene pathways have also been identified in numerous 
non-dipteran insects (Angelini and Kaufman, 2005). Furthermore, when combined with 
morphological data, gene expression data has provided intriguing correlations that could explain 
unique divergences among insect body plans. For example, despite the unique morphology and 
unclear homology of horns in many beetle species, expression studies have revealed that horn 
development is well correlated with traditional proximal expression hth, and distal expression of 
Dll (Moczek & Nagy, 2005; Moczek et al., 2006). However, while exd and dac were also 
expressed in developing horns, their expression did not follow traditional patterns, but rather 
were expressed evenly throughout the horn (Moczek et al., 2006). Such novel co-option of 
conserved developmental genes has also been identified in numerous other body plans. The 
abdominal prolegs of Lepidopteran larvae make use of conserved body patterning genes — 
particularly the Hox genes Ubx and AbdA, and the appendage patterning gene Dll — but in a 
novel manner. Rather than simply restrict appendage development entirely, circular gaps in Ubx 
and AbdA expression appear on each abdominal segment, permitting Dll expression and thus the 
development of abdominal prolegs (Warren 1994; Suzuki and Palopoli, 2001). A different 
approach is seen in the abdominal prolegs of sawflies (Hymenoptera). In these insects, Ubx and 
AbdA are expressed throughout the abdomen and developing prolegs; while proximal exd is 
expressed, distal Dll is entirely absent. This suggests that while sawfly prolegs use the same 
appendage patterning genes as other insects, they evolved only from the proximal component of 
insect limbs (Suzuki and Palopoli, 2001). Hexapods such as springtails (Collembola) and 
firebrats (Zygentoma) also appear to express conserved developmental genes during appendage 
development; in both species, conserved proximal hth and distal Dll expression in developing 
appendages was observed, although expression varied notably in the gnathal appendages, 
especially the endites (Schaeper et al., 2013). Expression of these conserved genes was also 
identified in several abdominal structures divergent from the generalized insect body plan. Dll 
was identified in both the distal region of the springtail furca, and more surprisingly in the 
elongated filamentum terminale, which may be a modified eleventh abdominal segment, and 
therefore not a true appendage at all. While gene expression data can thus indicate co-option of 
conserved developmental pathways, extensive variation of gene expression and the possibility 
of multiple functional roles during development pose additional obstacles to understanding the 
true evolutionary history of divergent body plans. To further clarify this issue, it is also 
necessary to assess gene function. 
 5
Changes in gene function are particularly apparent when comparing insects to other 
arthropods and non-insect taxa like springtails. In their RNAi experiments on the springtail O. 
cincta, Konopova and Akam (2014) found that neither Ubx nor AbdA inhibited abdominal 
appendage development as in many insects, but rather acted both independently and in 
conjunction with each other to specify the three unique abdominal appendages of springtails. 
Similar functional discoveries have likewise been made within Insecta, such as in the beetle 
Tribolium castaneum. T. castaneum develop leg-like appendages called pleuropods on their A1 
segment during the early embryonic stage, but lose them later in development. RNAi studies of 
Ubx and AbdA in developing embryos revealed that while AbdA maintained an appendage-
suppressing role, Ubx modifies the A1 pleuropods instead of inhibiting appendage growth 
(Lewis et al., 2000). Appendage patterning genes also reveal interesting functional changes. 
RNAi experiments in horned beetle species (Moczek et al., 2009) revealed that Dll and hth play 
a necessary role in horn formation, while dac did not despite its widespread expression in 
developing horns and its importance in the development of traditional limbs. Given the 
variability of gene expression both between horned beetle species and even sexes, it is likely 
that changes in conserved gene function and the co-option of conserved pathways for new 
morphologies can occur relatively quickly in evolutionary time. 
While the complexities of insect body plan evolution have increasingly become known, 
numerous questions still require further investigation. One such question concerns the 
evolutionary history of insect wings, and to which appendages (if any) they share homology 
with. Numerous hypotheses have been proposed; for example, the paranotal theory suggests that 
wings evolved from extensions of the thoracic terga, while concepts like the fin and gill-cover 
theories suggest ways in which wing evolution may have initially provided physiologically 
adaptive advantages in aquatic environments (Kukalova-Peck, 1973). Another hypothesis is that 
wings may be homologous to the styli of apterygotes or the abdominal gills of aquatic insects 
(Fig. 1.2d, e) (Wigglesworth, 1973; Kukalova-Peck, 1973). If abdominal styli and gills are 
considered homologous to the ventro-lateral appendages of pancrustacea in general, wings may 
then be considered dorsally migrated appendages that are homologous to not only the gills and 
styli of numerous insects, but also the eppipodites of crustaceans (Fig. 1.2f) (Averof & Cohen, 
1997). A lateral origin for wings, whether homologous to ventral walking legs or to abdominal 
appendages like gills, appears supported by genetic data that implicates developmental genes 
like wg in the specification of both wing and limb primordia from closely associated cells 
(Cohen et al., 1993). Consequently, research on the morphological and genetic development of 
abdominal insect appendages, such as gills, can potentially shed new light on this classic 
question. While appendage-like styli are known in apterygotes like the Zygentoma, the most 
common abdominal appendages within Insecta are gills or gill-like limbs, particularly in 
juvenile stages. Gills and gill-like appendages are widespread amongst the aquatic juveniles of 
several insect orders, including Diptera, Trichoptera, Megaloptera. However, none have evolved 
as wide an array of specialized gills as the Ephemeroptera, or mayflies.
1.3. Ephemeroptera Background
Ephemeroptera represents one of the oldest pterygote insect orders, having evolved 
during the Carboniferous and reached its most speciose point during the Mesozoic (Brittain, 
1982; Sartori & Brittain, 2015). While it is clearly amongst the oldest insect lineages, the exact 
phylogenetic position of Ephemeroptera has long been unclear; various hypotheses have placed 
them as either Chiastomyaria (Odonata, Ephemeroptera + Neoptera), Metapterygota 
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(Ephemeroptera, Odonata + Neoptera), or Paleoptera (Odonata + Ephemeroptera, Neoptera) 
(Ogden, & Whiting, 2003; Whitfield and Kjer, 2008; Simon et al., 2009; Trautwein et al., 2012). 
While these hypotheses still remain open to investigation, Paleoptera is frequently cited 
(Trautwein et al., 2012; Misof et al., 2014), and groups mayflies and Odonates together on the 
basis of their “old wing” morphology, a reference to their lack of specific articular sclerites 
called axillaries, which inhibits both groups from dorsally folding their wings as seen in 
Neoptera (Snodgrass, 1935e). 
Ephemeroptera currently contains 40 families representing approximately 3,330 species 
found on all but Antarctica, though most mayfly studies focus on species in the northern 
hemisphere, particularly North America and Europe (Barber-James et al., 2008; Sartori & 
Brittain, 2015). As with the order itself, the proper classification of mayfly species has long been 
unclear, with a wide array of morphological studies often arriving at different conclusions. A 
widely accepted taxonomy based particularly upon thoracic and wingpad morphology was 
published by McCafferty & Edmunds (1979), which proposed the two distinct mayfly suborders 
of Schistonota and Pannota. However, in subsequent years a move toward phylogenetic 
classification prompted additional changes to mayfly taxonomy, such as the three new suborders 
of Rectracheata (which included the previous Pannota), Setisura, and Pisciforma proposed by 
McCafferty (1991). This in turn continued to be revised, with the most accepted morphology 
based phylogenies proposed by both Kluge (2004) and McCafferty (as reported in Ogden & 
Whiting, 2005). Most recently, genetic sequence data has been integrated into mayfly 
classification systems, starting with Ogden & Whiting (2005) and more extensively by Ogden et 
al. (2009), which have supported the monophyletic status of numerous taxonomic groups, but 
have also revealed numerous groups as non-monophyletic. Hence, much remains to be clarified 
in mayfly phylogenetics.
Regardless of their specific phylogenetic positions, mayflies share some general 
lifecycle characteristics. As with their Odonate relatives, mayflies have a semi-aquatic lifecycle 
in which eggs laid by terrestrial adults hatch into aquatic nymphs, although unlike odonates, 
most mayfly nymphs are herbivorous (Sartori & Brittain, 2015), and fulfill a collector or scraper 
ecological role (Cummins, 1973) in both lentic and lotic ecosystems. Both the nymphs and 
adults serve as key prey species for a wide array of predators (Hoopes, 1960; Leonard & 
Leonard, 1962) and are considered good indicators of freshwater quality (Fremling & Mauck, 
1980; Lenat, 1988; Fremling, & Johnson, 1990; Dobrin & Corkum, 1999). The nymphs of 
mayflies are morphologically distinct and bear abdominal appendages commonly called gills. 
These gills are trachea-bearing, lamellar structures that ancestrally could be found on the A1-A8 
or A9 abdominal segments (Sartori & Brittain, 2015), but in extant species appear only on A1-
A7. Mayfly gills are unique in that they have evolved remarkable morphological and functional 
diversity, making them key to understanding mayfly evolution and speciation. Some mayfly 
gills are relatively simple and comprise a single lamella that forms a mobile or non-mobile 
paddle or plate-like structure, as exemplified by the Ameletidae and Baetidae families, 
respectively (Riek, 1973). Amputation experiments have shown that such plate-like gills, 
particularly those from mayflies inhabiting lotic environments, play little role in respiratory 
ability (Wingfield 1939). However, in many species they have evolved different functions. For 
example,  numerous families bear a ventral fibrillar tuft that emerges from the proximal end of 
the gill and does aid in respiration (Riek, 1973). In several Heptageniidae, a variable number of 
the plate-like gills fold ventrally to form a suction cup, allowing these species to adhere to 
surfaces in their lotic habitats (Riek, 1973; Sartori & Brittain, 2015). Additional morphological 
variations are seen in families like Leptophlebiidae and the burrowing (Ephemeroidea/
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Fossoriae: Ephemeridae) mayflies, which have evolved a second lamella. Like the fibrillar tuft 
in other species, the second lamella generally emerges from the posterior ventral portion of the 
first. Burrowing mayflies additionally differ by abandoning the plate-like gill structure 
altogether; instead, their two lamella are elongated and contain an extensive number of lateral, 
thread-like filaments. Amputation studies have shown that, unlike many mayflies from lotic 
habitats, the tracheal gills of lentic burrowing mayflies are key to both respiratory ability and 
CO2 disposal (Morgan and Grierson 1932; Wingfield 1939). They are also key to these mayflies’ 
burrowing lifestyle, as the mobile gills help propel nymphs into the substrate while burrowing, 
then help circulate water while residing within the burrow (Sartori & Brittain, 2015).
Nymphal development comprises the majority of the mayfly lifecycle, and its duration 
is heavily influenced by environmental factors such as water temperature and food availability 
(Brittain, 1982). As a result, the number of nymphal instars in mayflies can vary dramatically, 
even within a single species. Accurately staging nymphal development according to instar 
number is consequently difficult in mayflies, and has prompted the creation of numerous 
alternative staging methods, such as recording changes in developing gills and wingpads 
(Rawlinson, 1939; Hall et al., 1975; Clifford et al., 1979; Fink, 1980; Kosnicki & Burian, 2003; 
Esperk et al., 2007). Regardless of the precise number, mayfly nymphs proceed through 
numerous instars before emerging from their aquatic environment to begin the terrestrial 
component of their lifecycle. At this stage, another defining trait of mayflies becomes apparent. 
While odonates and all other nymphal insects molt into the adult or imago stage, mayflies alone 
feature a possibly ancestral winged stage called the subimago, which resembles the imago but 
usually does not exhibit complete adult morphology (Edmunds & McCafferty, 1988). 
Depending upon species, the subimago stage generally lasts from less than eight hours to about 
two days; after this, the final molt to the imago stage will occur, and the adult morphology will 
be fully developed and ready for reproduction (Edmunds & McCafferty, 1988). As with 
nymphal development, the duration of the overall mayfly lifecycle is quite flexible, and 
frequently varies according to the environment. In tropical climates, mayfly species are known 
to be multi-voltine; however, mayflies in temperate regions are usually univoltine, and may be 
semivoltine in the northern-most reaches of their range (Clifford, 1982; Sartori & Brittain, 
2015). The more limited breeding opportunities for these mayflies has resulted in a remarkable 
reproductive methodology, particularly common amongst the burrowing mayflies. In these 
species, a few days each year are host to the synchronized emergence of subimagos, quickly 
followed by the formation of massive imago breeding swarms (Sartori & Brittain, 2015). 
In North America, one of the more well known genera of burrowing mayflies are the 
Hexagenia. They are a generally large bodied and widespread genus (McCafferty, 1975) whose 
nymphs inhabit a variety of habitats in ponds, lakes, streams, and rivers, particularly those with 
substrate containing sand, silt, and a small percentage of fine organic matter (Hanes, 1993). 
Hexagenia nymphs can grow to nearly 30mm in length (Needham, 1920), and dig “U” shaped 
burrows in which they primarily feed upon mud and the organic matter contained within 
(Neave, 1932). As noted above for burrowing mayflies in general, Hexagenia gills are 
bilamellate, multi-branched structures with clear trachea that are key for respiration, CO2 
dispersal, burrowing, and water circulation.
After their synchronous emergence and fertilization via imago mating swarms, females 
are capable of laying approximately 8,000 eggs (Needham, 1920; Fremling, 1967), which 
promptly sink and adhere to the substrate. Like most mayflies, Hexagenia development is 
greatly influenced by temperature: eggs can hatch in as little as one week at 32℃, or take 
approximately three months or longer at 12℃ (Fremling, 1967; Friesen et al., 1979). Hexagenia 
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eggs can be stored for prolonged periods at colder temperatures, though care must be taken to 
avoid increased mortality rates. Generally, eggs halfway through development or older survive 
cold storage better than freshly laid ones, with development slowing extensively at temperatures 
around 7℃ (Flattum, 1963; Friesen et al., 1979; Giberson & Rosenberg, 1992a). Nymphal 
development is similarly influenced by temperature; nymphs reared with adequate food at 15℃ 
takes approximately a year to reach the subimago stage, but 183 days at 20℃, and only about 
three months at 24℃-27℃ (Fremling, 1967; Giberson & Rosenberg, 1992b). Specimens from 
different climates follow this trend, with Hexagenia from Florida maturing in one year, while 
lifecycle duration increases to two or even three years further north (Neave, 1932; Giberson, 
1991; Lobinske et al., 1996).
In this work we apply the evo-devo research approach to investigate morphological 
development and genetics in the burrowing mayfly Hexagenia limbata. Chapter 2 provides 
morphological descriptions of embryonic and nymphal ontogeny, including simplified methods 
for identifying developmental stages. This is then followed by gene expression data via 
immunohistochemistry (IHC) to assess the expression profiles of the posterior Hox genes Antp 
and Ubx/AbdA in developing embryos. Chapter 3 describes a first instar transcriptome and 
identifies putative segmentation, appendage patterning, and cell signaling genes of interest. 
Chapter 4 summarizes our current findings and provides a review of future work, including an 
assessment on the current state of in situ hybridization (ISH) and RNAi protocols in H. limbata.
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Figure 1.1: A simplified model for approaching research in eve-devo, largely based upon and inspired by Mallarino & Abzhanov (2012). This model comprises 
three key components: Morphological Data, Candidate Gene Identification, and Candidate Gene Function. (a) Morphological data generally consists of 
quantitative data, such as measurements of morphological structures of interest, and qualitative data, including physiological and anatomical descriptions and 
descriptions of developmental changes over time. (b) Candidate Gene Identification consists of techniques which enable us to correlate specific genes or gene 
networks with morphological structures or processes of interest. These techniques can include quantifying gene expression (DNA microarray, qPCR, Western 
Blot), localizing gene expression (Immunohistochemistry, In Situ Hybridization), and identifying DNA, RNA, or amino acid sequences. Generally, techniques 
for candidate gene identification can identify correlations between a given morphology and genes of interest, but are unable to establish a causal relationship. 
(c) Candidate Gene Function techniques are those that explicitly attempt to link candidate gene expression to the morphology of interest, and thus establish a 
causal relationship between the two. Classically such data was limited to mutagenesis experiments; in more recent years, the advent of new biotechnology such 
as RNAi and the CRISPR/cas9 system have enabled gene knockdown and knockout experiments in a increasingly wider number of new model organisms. 
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Figure 1.2: Sketches illustrating the basic morphology and variation of appendages in Pancrustacea. (a) The insect thoracic leg, 
modeled after orthopterans. Most insect legs consist of a proximal and distal region. In many insects, the proximal coxopodite is further 
divided into a subcoxa affixed to the body wall, and a coxa which forms a proper limb podomere. The distal telopodite contains five 
highly conserved podomeres called the trochanter, femur, tibia, tarsus, and pre tarsus. (b) Lateral view of early EGB stage development 
in the T1-A2 segments of the beetle Tribolium castaneium. Note that the A1 segment bears a limblike pleuropod, which is subsequently 
reduced before embryogenesis completes. (c) The abdominal prolegs of Lepidoptera bear a similar coxopodite/telopodite structure to 
the thoracic limbs of many insects, though the telopodite is highly modified. (d) A cross-section of the mayfly abdomen, depicting 
abdominal gills. Note that the gills emerge from the coxapodite, much as styli do in apterygotes and eppipodites do in crustaceans. (e) 
Lateral view of a generalized Zygentoma abdomen, in which styli emerge in a manner similar to that of mayfly gills. Note that the 
commonly cited firebrat T. domestic bears styli on the A7-A9 segments. (f) A crustacean pereon leg from the malacostracan Anaspides 
tasmaniae. In addition to the six main podomeres of insects, many crustaceans also bear a second trochanter. Appendage-like 
outgrowths are also common, in particular the coxopodite-based eppipodites and the trochanter-based exopodite. The exopodite is what 
gives crustacean limbs their biramous structure. Sketches are after Snodgrass, 1935 (a, d, f), Burns et al., 2012 (b), and Schaeper et al., 
2013 (e). Cx, Coxa; Tr, Trochanter; Fm, Femur; Tb, Tibia; Tr, Tarsus; Ptar, Pretarsus; Scx, subcoxa; Fi, Flexible Integument; Pl, Planta; 
Cxpd, Coxopodite; Sty, Stylus; Eppd, Eppipodite; Expd, Exopodite; Tr1, first Trochanter; Tr2, second Trochanter. 
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outgrowths are also common, in particular the coxopodite-based eppipodites and the 
trochanter-based exopodite. The exopodite is what gives crustacean limbs their biramous 
structure. Sketches are after Snodgrass, 1935 (a, d, f), Burns et al., 2012 (b), and Schaeper et 
al., 2013 (e). Cx, Coxa; Tr, Trochanter; Fm, Femur; Tb, Tibia; Tr, Tarsus; Ptar, Pretarsus; Scx, 
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Expd, Exopodite; Tr1, first Trochanter; Tr2, second Trochanter. 
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Chapter 2
Morphogenesis and Hox Gene Expression in the Mayfly Hexagenia limbata
Abstract: Hox genes are a highly conserved gene family that regulate segment identity and 
appendage development during arthropod embryogenesis. In insects like Drosophila 
melanogaster (Diptera), the Hox gene Antennapedia (Antp) specifies thoracic leg development, 
while the Hox genes Ultrabithroax (Ubx) and Abdominal-A (AbdA) inhibit appendages in the 
abdomen. Studies in new arthropod models have shown extensive variation, with Antp in 
Achaearanea tepidariorum (Arachnida) inhibiting leg development, and Ubx or AbdA 
regulating specific abdominal appendages, as seen in Tribolium castanium (Coleoptera) and 
Orchesella cincta (Collembola). In this study we describe Antp, Ubx, and AbdA expression in 
the embryos of Hexagenia limbata. Once the thoracic region has developed, Antp expression is 
prominent throughout the thoracic segments, and during late embryogenesis migrates into the 
central midline of the abdominal segments. Ubx/AbdA expression was identified after formation 
of the abdominal segments, and ranged from the posterior T3 to A10 by late embryogenesis. 
Mayflies are one of the oldest pterygote orders, and feature a divergent body plan that bears 
numerous abdominal appendages during the nymphal stage. However, embryonic expression of 
H. limbata Antp and Ubx/AbdA is highly conserved with that of non-holometabolous insects, 
such as Gryllus bimaculatus (Orthoptera) and Thermobia domestica (Zygentoma). These 
conserved expression profiles suggest that gill development may be due to Hox expression in 
the first nymphal instar, novel Hox functions that evolved despite conserved expression 
patterns, or changes in downstream appendage patterning gene expression or function. 
2.1. Introduction
Arthropods are one of the most diverse animal phyla on earth, a distinction often attributed to 
their segmented body plans (Giribet and Edgecombe, 2012). These plans differ dramatically 
amongst the arthropod classes of Myriapoda, Chelicerata, Crustacea, and Insecta. For insects, 
the basic body plan comprises three tagmata, or specialized regions: the head, thorax, and 
abdomen. While appendages are common throughout the head and thorax, the abdominal 
segments are usually devoid of appendages except for genitalia (Snodgrass, 1935c, d). Since 
modified abdominal appendages are found in the non-insect arthropod classes, this indicates that 
appendage reduction was a key trend in insect body plan evolution. However, there are some 
notable exceptions to this body plan amongst apterygotes and the immature aquatic stages of 
several neopteran orders, particularly the mayflies (Ephemeroptera). 
The abdominal appendages, or gills, of mayfly nymphs are structures that bear 
similarity to the styli of several apterygote insects (Snodgrass, 1935a); these insect gills and 
styli likewise appear structurally similar to the epipodites of crustaceans, perhaps indicating 
shared evolutionary history as proximal appendicular structures. Gills have also evolved a 
plethora of different forms key to environmental adaptation (Morgan and Grierson, 1932; 
Wingfield 1939; Zhou et al., 2003) and were clearly central to mayfly speciation. The 
evolutionary significance of gills is further highlighted by hypotheses that they are linked to the 
evolution of insect wings (Wigglesworth, 1973; Kukalova-Peck, 1973). At the genetic level, 
Averof and Cohen (1997) hypothesized that similar gene expression profiles of engrailed in 
insect wings and crustacean epipodites suggests a shared gene regulatory network during 
development. Functional hypotheses have also suggested a gill and wing link via adaptation to 
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aquatic environments (Kukalova-Peck, 1973). An extant example regards the wing rowing 
locomotion of modern stoneflies (Plecoptera), which retain abdominal gills into the adult stage 
and may provide a functional basis for linking gills to wing evolution (Marden et al., 2000; 
Marden and Thomas, 2003). Given both the evolutionary relevance of their gills and the fact 
that mayflies and odonates likely comprise the first diverging clade of winged insects (Misof et 
al, 2014, but see Whitfield and Kjer, 2008, Simon et al., 2009, and Trautwein et al., 2012 for 
discussion of alternative hypotheses), mayflies are at the forefront of addressing questions 
regarding the possible connection between gills and pterygote wing evolution, in addition to 
questions regarding the evolution of body plans in general. Yet despite their evolutionary 
importance, the developmental genetics of mayflies remains largely understudied, with only a 
few (see Niwa et al., 2010, and O’Donnell and Jockusch, 2010, for examples) investigating the 
expression of key developmental genes. 
Though the genes responsible for mayfly gill development and evolution remain 
unknown, Hox genes likely play a central role (Tojo and Machida, 2003). Hox genes are a 
highly conserved gene family that regulate animal body patterning (Gellon and McGinnis, 
1998), and have been most extensively studied in the fruit fly Drosophila melanogaster. In 
arthropods, the Hox gene family comprises approximately ten genes organized along a single 
chromosome. Because Hox genes are expressed along the anterior-posterior axis in parallel with 
their chromosomal order (Lewis, 1963; Sánchez-Herrero et, al., 1985; Kaufman et, al., 1990), 
proper segment and appendage identity of walking legs and non-reproductive abdominal 
appendages is regulated primarily by the posterior Hox genes Anennapedia (Antp), 
Ultrabithorax (Ubx), and Abdominal-A (AbdA). In D. melanogaster, Antp specifies leg identity 
in the thorax (Struhl, 1982; Carroll et al., 1986), while D. melanogaster Ubx and AbdA are 
mostly expressed in the abdomen (Akam and Martinez-Arias, 1985; Castelli-Gair and Akam 
1995; Karch et al., 1990) and suppress leg identity in early development (Vachon et al., 1992). 
Importantly, Hox expression profiles and functions vary widely when considering other 
arthropods. For example, Antp in the milkweed bug Oncopeltus fasciatus specifies leg 
segmentation but not leg identity (Herke et al., 2005), while Khadjeh et al. (2012) showed that 
Antp expression in the spider Achaearanea tepidariorum occurs in the opisthosoma and inhibits 
leg identity, enabling the ectopic growth of a fifth pair of legs when knocked down. Ubx and 
AbdA have likewise evolved different functions within Arthropoda. In the beetle Tribolium 
castaneum, AbdA inhibits leg identity like in D. melanogaster, but Ubx instead appears to be an 
appendage modifier that regulates the development of A1 embryonic pleuropods (Lewis et al., 
2000). Ubx and AbdA function in non-insect arthropods differs notably from insect models, with 
the expression of both genes clearly correlating with appendage development and tagmatic 
boundaries in hexapods (Konopova and Akam, 2014), crustaceans (Averof and Patel, 1997), 
myriapods (Hughes and Kaufman, 2002b), and chelicerates (Damen et al., 1998). 
Current research thus suggests that changes in Hox gene expression and function are a 
key mechanism underlying arthropod morphological diversity, and may help clarify the 
divergent body plan of mayflies. In this study we focus on the mayfly Hexagenia limbata 
(Empheroptera: Ephemeridae), a large bodied and widespread species (McCafferty, 1975), to 
describe morphological development and embryonic expression patterns of Antp and Ubx/AbdA. 
Morphologically, we described four categories of embryonic development based upon the 
extending germ band, and a subset of the nymphal stages that can be readily identified 
according to key morphological traits such as gills. These morphological descriptions closely 
align to what has been described for other burrowing mayflies of the family Ephemeridae, and 
suggest well conserved genetic mechanisms underlying embryonic and nymphal development. 
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While numerous studies have described mayfly development morphologically, this is 
the first study to also investigate Hox expression patterns during H. limbata development. 
Interestingly, we found an extensive degree of conservation between H. limbata expression 
patterns and numerous non-holometabolous insects, despite mayflies’ divergent body plan. This 
high degree of conservation suggests that mayfly Hox genes may have evolved unique 
regulatory roles while maintaining conserved expression patterns, or are playing a distinct 
functional role in later nymphal stages. Conversely, another hypothesis is that key changes in 
either the expression or function of downstream appendage patterning genes underlie the unique 
body plan of mayflies.
2.2. Methods
Mayfly collection and maintenance
Mature H. limbata females were collected by blacklighting at Sky Pond (New Hampton, 
Belknap Co., NH) on peak hatching nights during June and July from 2013-2016. Upon 
capturing females, eggs were extracted by submerging their abdomen into a conical tube 
containing pond water to stimulate egg laying (Fremling, 1967). Egg production amongst 
female mayflies tends to scale with overall body size (Brittain, 1982), with each large female 
Hexagenia known to produce approximately 8,000 eggs (Needham, 1920; Fremling, 1967). This 
scale of egg production makes it easy to collect several milliliters of eggs in one night. 
Once back in lab, eggs were washed in a solution of 10% bleach and rinsed well with 
aged (24h) distilled water. All eggs were maintained in aged distilled water at room temperature 
until fixation or reaching approximately 50% development, at which point they were stored at 
4°C for future study. Hexagenia eggs at colder temperatures take extensively longer to develop 
(Friesen, Flannagan, & Lawrence, 1979; Flattum, 1963), with incubation at 4°C instigating a 
diapause-like state that can be maintained for a year or more (Giberson & Rosenberg, 1992). 
Upon returning to room temperature, eggs resume development. Hatched nymphs were reared 
in containers with aged distilled water, while older nymphal instars not reared in lab were 
collected from Sky Pond mud samples and kept in containers filled with pond water and mud.
Embryonic and nymphal preservation 
Embryos were fixed using a protocol adapted from O’Donnell and Jockusch (2010). Live eggs 
were first washed thoroughly with PBTw (1X phosphate-buffered saline + 0.1% Tween), soaked 
for 6 minutes in a 50% bleach solution to remove the chorion, then fixed for 30-50 minutes with 
agitation in a 6% formaldehyde and PBTw fixative with heptanes at a 2:1 ratio. Following 
fixation, eggs were washed in PBTw and stored at -20°C in absolute methanol. Nymphs hatched 
from eggs or collected directly from the field were either imaged live or preserved in 70% 
ethanol for later imaging.
Immunohistochemistry and imaging
Fixed eggs were rinsed in PBTw and stripped of their chorion and vitelline membrane by 
dipping them repeatedly in a waterbath sonicator (Fisher Scientific FS20D) at 42Khz (+/- 6%)  
for several seconds. Embryos were then soaked in SuperBlock T20 (Thermo Scientific, MA) for 
30 minutes at room temperature. Blocked embryos were incubated overnight at 4°C in either 
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12ng/µl of anti-Antp 4C3 (DSHB, University of Iowa; deposited by Brower, D.) or 20ng/µl of 
anti-Ubx/AbdA FP6.87 primary antibody (DSHB, University of Iowa; deposited by White, R.) 
diluted in SuperBlock T20. Following primary antibody incubation, the embryos were washed 
with PBTw for one hour (1 wash/10 minutes), then incubated for two hours in a 1:500 dilution 
of horseradish-peroxidase conjugated goat anti-mouse secondary antibody (Jackson 
ImmunoResearch, PA) in SuperBlock T20. Embryos were washed as above in PBTw, 
equilibrated for 20 min (1 wash/5 minutes) in 1X stable peroxide buffer (1XHP) (Thermo 
Scientific, MA), and developed for 10 minutes using 1:10 dilution of metal-enhanced 
diaminobenzadine substrate (Thermo Scientific, MA) in 1XHP buffer. After developing, 
embryos were washed in PBTw, counterstained with DAPI (Pierce Biotechnology) and stored at 
-20°C in 80% glycerol. For all IHC trials, negative control embryos not incubated in anti-Antp 
or anti-Ubx/AbdA were otherwise treated the same, and showed little sign of non-specific 
staining through most observed embryonic stages (A1.1).
Stained embryos and either live or 70% ethanol-preserved younger nymphs were 
imaged on a BX53 Olympus compound microscope using a Q-Color 5 Olympus camera and 
QCapture Suite Plus v.3.1.3.10 (QImaging, Surrey, BC, Canada), while older nymphs were 
imaged on a Leica EZ4 HD stereomicroscope with Leica Aquire v.1.0 (Buffalo Grove, IL, 
USA). Select images were adjusted in Keynote v.6.6.2 to enhance color and quality. Scale bars 
for all images were calibrated in Image J v.1.46r (Wayne Rasband, NIH, USA).
2.3. Results
Embryogenesis in H. limbata 
H. limbata is a short/intermediate germ insect (reviewed in Davis and Patel, 2002) that 
sequentially adds body segments to the posterior of the extending germ band (EGB), and can 
easily be staged in relation to this process (O’Donnell & Jockusch, 2010). In this study we 
organized H. limbata embryogenesis into four EGB related categories. The first identified stage 
of H. limbata in this study is the early EGB stage (Fig. 2.1 a), which exhibits a clearly defined 
ocular region in the anterior, a presumptive gnathal region midway through the embryo, and an 
elongation zone in the posterior where thoracic segments will develop from the extending germ 
band. As the elongation zone lengthens (Fig. 2.1 b), the embryo begins to narrow along the 
anteroposterior axis, suggesting that cellular reorganization may play a role in posterior 
elongation. As the embryo approaches the mid-EGB stage (Fig. 2.1 c), the lateral furrows 
indicating gnathal and thoracic segmentation begin to appear, and the elongation zone begins to 
delineate the abdominal region. The mid-EGB stage (Fig. 2.1 d) is identified via clear 
segmentation throughout the gnathal and thoracic regions, along with the sequential addition of 
abdominal segments. Antennae also begin development. By the late EGB stage (Fig. 2.1 e-f) the 
majority of the abdominal segments have developed, and short limb buds are present on the 
gnathal and thoracic segments. These limb buds continue to elongate (Fig. 2.1f) as development 
continues. The final embryonic category is the post-EGB stage (Fig. 2.1 g-i), which has two 
distinct substages. The earliest post-EGB embryos (Fig. 2.1 g) bear longer gnathal and thoracic 
limb buds, and have developed all eleven abdominal segments, as indicated by the presence of 
three short terminal filaments at the posterior. Embryonic width throughout all major tagmata 
increases as development continues, and limb buds further elongate. In the thoracic limb buds, 
elongation is coupled to the beginning of limb segmentation (Fig. 2.1 h). The latest post-EGB 
stage (Fig. 2.1 i) is distinct in that body width along the entire anteroposterior axis has 
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dramatically increased in relation to other all stages. Both the ganthal and thoracic appendages 
are elongated and jointed by this stage, and the terminal filaments have begun elongating. In 
sufficiently developed embryos of this substage, five ocelli on the head can be seen.  
Nymphal development of H. limbata thoracic and abdominal appendages
After completing embryogenesis, H. limbata begin nymphal development. Nymphs are 
classically described according to the number of developmental stages between molts, or 
instars; however, though the first three instars in H. limbata are easy to identify, staging nymphs 
becomes increasingly difficult due to variability in the total number of instars (Rawlinson, 1939; 
Hall et al., 1975; Esperk et al., 2007), variability in the expressed phenotype, the tendency for 
appendages to become damaged or truncated as nymphs age, and the increased mortality rate of 
older instars. While the cause of appendage damage and reduced life expectancy remains 
unclear, it is possible that incompatible substrate (and associated soil-based bacterial growth), 
along with improper or insufficient food supply, may play a role. To circumvent these issues, we 
categorize early nymphal instars according to generalized gill phenotypes, and older, wild-
caught instars by their gills and distinct morphological features. 
Due to their ease of rearing, most nymphal samples studied comprised the first 
three instars of H. limbata, with sample sizes numbering in the hundreds for the first two stages 
in particular. The first instar (Fig. 2.2 a), bears functional appendages throughout the head and 
thorax but not the abdomen. Both the labrum at the anterior and the terminal filaments at the 
posterior are longer and more prominent than in post-EGB embryos. The thoracic legs (Fig. 2.2 
f, g) each comprise five segments, in which the femur is slightly wider than the tibia. The 
second instar (Fig. 2.2 b) is most notable for the simultaneous appearance of six gill pairs on the 
A2-A7 segments. These rudimentary gills (Fig. 2.2 i) resemble small, laterally protruding 
outgrowths from the abdominal wall, and are comprised of a proximal base with a pointed distal 
tip. The gills on A2-A6 continue to develop in the third instar (Fig. 2.2 c) by bifurcating at the 
distal tip (Fig. 2.2 j), while the A7 gill remains unbranched (Fig. 2.3 k). This pattern of gill 
development continues into post-third instar nymphal stages (Fig. 2.2 d, e), which are more 
difficult to rear, and generally comprised sample sizes in the dozens. In all observed specimens, 
the A2-A6 gills continue to develop new branches in a distal to proximal fashion (Fig. 2.2 o) 
while the A7 gill pair eventually develops branches as well, but remains developmentally 
behind (Fig. 2.2 m, p). In the oldest nymphal stages observed (Fig. 2.3 e; sample size is a dozen 
or less), the A1 gill pair begins development (Fig. 2.2 n) and a possible ventral gill plate can be 
seen in some gills (Fig. 2.2 q). In regard to the thoracic legs, note that while the T1-T3 legs are 
all larger and bear more hairs than in the first instar, all thoracic legs still bear structural 
similarity to one another, with the femur slightly wider than the tibia.
The intermediate to late nymphal instars were collected from pond mud, with an 
overall sample size of several dozen. The older instars of H. limbata (Fig. 2.3 a) are identified 
by having extensively branched, bilamellar gills, distinctly wider femurs and tibias on all three 
thoracic legs, and mandibular tusks protruding anteriorly from the head. Sexual dimorphism is 
readily apparent by these stages, in which the large ocelli pair are black and relatively flat in 
females but protrude laterally from the head and distinctly bicolored in males (Fig. 2.3 a, inset). 
Intermediate to late nymphal instars also begin developing wingpads on the T2-T3 segments; 
these wingpads become black in color during the final instar (Fig. 2.3 b), making this stage easy 
to identify. Interestingly, the overall pattern of gill development remains similar to that seen in 
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younger instars, with the A2-A6 gills larger and more developed than the A7 gill pair, and the 
A1 gill pair still dramatically smaller and underdeveloped.
When contrasted with the morphology of early instars, the thoracic legs and 
abdominal gills of intermediate nymphs are heavily modified. Of the three thoracic legs, the T1 
walking legs (Fig. 2.3 c) show clear fossorial modification, with the femur and tibia notably 
wider at the distal ends than those seen in earlier instars. The T2 (Fig. 2.3 d) and T3 (Fig. 2.3 e) 
legs show the same femur and tibia modifications, but to a progressively lesser extent. The gills 
of older instars are also more complex than those seen in earlier instars. As in earlier stages, all 
gills appear as lateral projections from the abdominal wall; however,  in older instars the gills 
clearly extend from laterally projecting bases on each segment (Fig. 2.3 f), which house the gill 
base and musculature. The nymphal gills at these stages are bilamellar (Fig. 2.3 g), with two gill 
plates conjoined at the proximal end, near or within the lateral gill base. In the A1 gill pair (Fig. 
2.3 h), the bifurcated structure and larger size are the only new developments from earlier 
stages; however, the A2-A7 gills (Fig. 2.3 i) have developed extensive branches along the entire 
proximal-distal axis on both the dorsal (Fig. 2.3 j) and ventral (Fig. 2.3 k) gill plates. All 
abdominal gills and their respective plates also feature extensive trachea laterally stemming 
from a midline tube to the individual gill branches (Fig. 2.3 l).
Antennapedia localization during H. limbata embryogenesis
Embryos early in the EGB process did not show any Antp staining (Fig. 2.4 a, b). Once the 
precursors to the gnathal and thoracic segments had formed, Antp staining is evident in all three 
thoracic segments, especially along the lateral sides where the thoracic legs will develop (Fig. 
2.4 c, close view and black arrows in Fig. 2.4 j). As the thoracic limb buds appear in mid EGB 
embryos, Antp staining extends into them (Fig. 2.4 d) and appears to strengthen in anterior 
portions of the T2 and T3 limb buds (Fig. 2.4 f), but ultimately remains strongest at the 
proximal ends as the limbs elongate in late (Fig. 2.4 e, f) and post EGB (Fig. 2.4 g-i) stages. 
Antp is not apparent in any abdominal segments until the mid EGB stages, when abdominal 
segmentation has nearly completed (Fig. 2.4 d). Abdominal Antp localization begins in the 
anterior edge of A1 (Fig 2.4 d, e), similar in intensity to the staining seen in posterior T3. By the 
time segmentation is completed, post EGB embryos show Antp extending through the center of 
the first few abdominal segments (Fig. 2.4 g); as post-EGB embryos continue development, 
central abdominal staining in additional segments becomes readily apparent (Fig 2.4 h). In late 
post EGB stages the abdominal localization of Antp widens and staining through A1-A9 
becomes more uniform, though still absent from all lateral edges and the A10 segment (Fig. 2.4 
i).  
Ultrabithorax/Abdominal A localization during H. limbata embryogenesis
Like Antp, Ubx/AbdA staining is not evident in very early EGB embryos (Fig. 2.5 a), including 
those that have nearly developed the presumptive gnathal and thoracic segments (Fig. 2.5 b). In 
late EGB embryos that have completed segmentation, staining is prominent throughout all 
abdominal segments except for A10, with weaker staining appearing at the posterior edges of T2 
and T3. (Fig. 2.5 c, black arrows). As embryos reach the post EGB stage (Fig. 2.5 d), thoracic 
staining becomes more prominent with staining beginning to spread throughout T3 (black 
arrow), and notably intensifying at the T3/A1 border (black arrowhead). In older post EGB 
embryos (Fig. 2.5 e), these staining patterns persist, with T3/A2 border staining further 
intensifying and T2 staining clearly seen along the entire posterior border. In all stages 
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observed, no staining was seen in any of the developing appendages, nor in the A10 segment. 
Unlike Antp, midline staining in the thorax (Fig. 2.5 d) and abdomen (Fig. 2.5 d, e) was reduced 
or absent, while lateral staining of the segments was stronger. Note that a clear view of both 
lateral and midline staining was not obtained for late EGB embryos (Fig. 2.5 c), so whether 
lateral staining is stronger in this stage remains unknown. 
1.4. Discussion
H. limbata thoracic and abdominal appendage development is highly conserved with other 
burrowing mayflies, especially those classically defined as Ephemeroidea, or more recently as 
Fossoriae (Ogden et al., 2009). This conservation is most apparent in regard to embryonic 
development, particularly the use of intermediate or short germ band segmental development 
and the lack of abdominal gills (O’Donnell and Jockusch, 2010). Morphological development of 
post-gnathal appendages in H. limbata nymphs follows a few clear patterns: thoracic legs 
develop wider tibia and femurs at a later, intermediate stage of development, while seven pairs 
of abdominal gills appear simultaneously in the second instar, progressively developing gill 
branches and a secondary ramus thereafter. These patterns are largely consistent with other 
studies of Hexagenia. For example, Neave (1932) describes first instars of Hexagenia as gill-
less and bearing thoracic legs that are narrower than those of older instars, while Wiebe (1926), 
found that A2-A7 gills develop in the second instar, and by the third developed mobility, a 
tracheal system, and the beginning of additional gill branches. Our study expands this 
knowledge beyond the third instar, and suggests that post third instar Hexagenia gills likely 
develop by a gradually branching process over the course of numerous instars.  This hypothesis 
is supported by developmental patterns in other burrowing mayflies, like the closely related 
mayfly Ephemera simulans (Ide, 1935). In E. simulans, additional gill branches developed after 
the fourth instar in a distal to proximal manner, and the secondary gill ramus was first observed 
in approximately the seventh instar, which is likely equivalent to the older H. limbata nymph in 
Fig. 2.2 e. More distantly related burrowing mayflies like Ephoron and Tortopus incertus share 
some developmental patterns, such as the simultaneous appearance of A2-A7 gills in the second 
instar and developmental reduction of the A1 gill pair (Tsui and Peters, 1974; O’Donnell, 2009), 
but also show differences in developmental timing. For example, the T1 femurs of first instar T. 
incertus are notably wider than those in H. limbata, while in E. album the A1 gills appear in the 
third instar (Britt 1962) rather than what are clearly post-third instars in H. limbata. In both 
cases, development occurs notably sooner than when we observed in H. limbata, and may thus 
indicate variation in the timing of morphological development as a driving force in the 
evolution of burrowing mayflies. Despite these subtle differences, H. limbata ontogeny is 
clearly well conserved overall with that of the burrowing mayflies. Furthermore, our gill data 
correlates with data from morphologically divergent mayfly lineages like the Heptagenioidea 
(Needham et al., 1935; Ide, 1935; Rawlinson, 1939) and Leptophlebioidea (Clifford et al., 1979) 
in that nymphal gills develop as postero-lateral projections of the abdomen, are consistently 
found on the A1-A7 segments, and are frequently bilamellar, with clear tracheal development in 
both rami. These common gill traits suggest a highly conserved gene regulatory network 
controlling gill development in mayflies. Subtle changes in the timing of gene expression within 
this network could then account for species-specific differences in gill development and 
morphology.
H. limbata Hox expression is highly conserved with that of non-holometabolous insects
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In this study we identified embryonic H. limbata Antp expression primarily through the thorax 
and midline abdomen. These Hox expression domains are remarkably well conserved amongst 
other insects. In D. melanogaster, Antp during the EGB stages is generally seen from the 
posterior labial segment to the abdominal segments, with the strongest staining seen in the 
thorax. During germ band retraction, expression remains strongest in the thorax, while 
abdominal expression is limited to the midline (Carroll et al., 1986; Hayward et al., 1995; 
Levine et al. 1983). While Bombyx mori showed an anterior Antp boundary at the anterior 
prothoracic segment (Nagata et al., 1996), most studies of Antp in holometabolous (Apis 
mellifera, Walldorf et al., 2000) and non-holometabolous species (Schistocerca americana, 
Hayward et al., 1995; Gryllus bimaculatus, Zhang et al., 2005) also reveal an anterior 
expression boundary in the posterior labial segment, as observed in H. limbata. Similarly, H. 
limbata Antp expression throughout the thorax and midline abdominal segments closely 
matches that seen in hemimetabolous and holometabolous insects, though some also show 
lateral staining in the abdominal tracheal pits (Walldorf et al., 2000). The presence of abdominal 
Antp has been widely explained as a part of ventral nervous system (VNS) patterning in 
numerous insects (Walldorf et al., 2000; Nagata et al., 1996; Carroll et al., 1986; Hayward et al., 
1995; Zhang et al., 2005) and crustaceans (Abzhanov & Kaufman, 2000), indicating that 
abdominal Antp expression in H. limbata likely fulfills a similar role. The reduced midline 
thoracic staining and stronger proximal staining of H. limbata thoracic limb buds during EGB 
development is an expression pattern also observed in orthopterans (Hayward et al., 1995; 
Zhang et. al 2005), providing further evidence that H. limbata Antp expression is highly 
conserved with that of other insects, particularly non-holometabolan species. 
H. limbata Ubx/AbdA expression was strongest at the T3/A1 border and along the 
lateral portions of the A1-A8 abdominal segments, with weaker staining from A8-A10. As with 
Antp, these expression profiles are mostly conserved with other studied insects, despite the 
distinct differences in germ band development between many holometabolous and non-
holometabolous insects. In D. melanogaster, Ubx and AbdA show largely overlapping and 
complementary expression profiles. D. melanogaster Ubx is expressed before segmentation in 
the presumptive T3 and A1-A7 segments, particularly at the T3/A1 border and within the 
anterior of each segment; this pattern persists after complete segmentation, with additional 
staining seen along the abdominal midline and weakly in A8 (White & Wilcox, 1985; Akam & 
Martinez-Arias, 1985; Karch et al., 1990). After the development of all body segments, D. 
melanogaster AbdA expression is seen nearly simultaneously within A1-A7, most strongly 
within the posterior of each; like Ubx, it later migrates to the abdominal midline and into A8 
(Macias et al., 1990; Karch et al., 1990; Tear et al., 1990). In the honeybee Apis mellifera, Ubx 
and AbdA expression is similar, but begins in A1-A4 before spreading through A1-A7; 
interestingly, it does not migrate into the abdominal midline (Walldorf et al., 2000), a highly 
conserved pattern seen in H. limbata and other short and intermediate germ insects. In fact, such 
insects most closely resemble H. limbata in their Ubx and AbdA expression profiles. In the 
intermediate germ orthopteran Gryllus bimaculatus, Ubx first appears in the posterior growth 
zone and in the presumptive T3, with expression after full segmentation strongest on the T3/A1 
border (Zhang et al., 2005). Ubx in the short germ apterygote Thermobia domestica is similar, 
but also extends anteriorly around the T2 and T3 limb buds during germ band extension, similar 
to how H. limbata lateral staining appears in the T2 and T3 segments (Peterson et al., 1999). 
Extension of Ubx and AbdA lateral staining through the developing abdomen until A10, 
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followed by a post EGB weakening of expression from A8-A10, is widely conserved between 
H. limbata and other short germ insects (Zhang et al., 2005; Peterson et al., 1999). 
Overall, our expression data for H. limbata Antp, Ubx, and AbdA show highest 
conservation with orthopterans and apterygotes, and less conservation with later diverging 
hemimetabolous taxa like D. melanogaster. While we expect expression patterns between 
different non-holometabolous insect orders to be generally conserved, it is interesting that Antp, 
Ubx, and AbdA expression patterns do not correlate with their different appendage-bearing 
segments. Though Hox expression is similar in all three species, G. bimaculatus only bear 
embryonic A1 pleuropods, T. domestica bears styli on the A7-A9 abdominal segments 
(Woodland, 1952), and H. limbata nymphs bears gills on the A1-A7 segments. This could 
indicate that expression of Antp, Ubx, and AbdA is not necessary for developing abdominal 
appendage-like structures, perhaps due to how the appendages of these non-holometabolous 
insects differ from typical legs. Such is the case regarding abdominal prolegs in the 
holometabolous sawflies (Hymenoptera), which appear to be composed of either the coxopodite 
of traditional legs or appendicular structures emerging from it, and thus express Ubx and AbdA 
throughout the abdomen while lacking Dll in the prolegs (Suzuki and Palopoli, 2001; Oka et al., 
2010). Further support for this hypothesis comes from Hox expression data in both the 
holometabolous butterflies (Lepidoptera) and springtails (Hexapoda: Collembola). In butterflies, 
Ubx and AbdA expression declines in specific circles on each abdominal segment during 
embryogenesis, permitting proximal Antp expression and distal Dll expression. This produces 
proleg development that exhibits both proximal and distal structures (Warren, 1994), in contrast 
to the purely proximal identity seen in sawflies. Similarly, distinct expression profiles of Ubx 
and AbdA are necessary to develop each of the three unique abdominal appendages of 
springtails, which appear comprised of both a proximal coxopodite and distal telopodite 
(Konopova & Akam, 2014). Thus, the apparent lack of unique Ubx/AbdA expression in H. 
limbata embryogenesis could be an indication that Hox expression is simply not needed to 
regulate appendages or appendicular structures of a purely proximal identity, which may thus 
include gills. Note that this hypothesis is also congruent with the hypothesis that mayfly gills 
and apterygote styli share a common origin with the coxopodite based eppipodites seen in 
crustaceans, which are also appendicular proximal structures.
While plausible, there are a couple of factors to keep in mind regarding this 
hypothesis. One is that while the known functional roles of genes like Ubx/AbdA and Dll can 
suggest limb homology or distal/proximal structures, it is important to note that functional 
changes and cooption by novel developmental processes can occur. For example, the expression 
of Dll in unique morphological structures such as beetle horns (Moczek & Nagy, 2005; Moczek 
et al., 2006) and both the cerci and caudal filaments in T. domestica (Ohde et al., 2009) clearly 
indicates that it does not always denote telopodite identity in traditionally limb-like appendages 
(Oka et al., 2010). Likewise, the similar expression of Ubx/AbdA in both H. limbata and G. 
bimaculatus could be because the A1 pleuropods in G. bimaculatus are, as in T. castaneum 
(Lewis et al., 2000), regulated by a specific functional role in Ubx, and thus may not indicate 
exclusive proximal identity of abdominal appendages nor the lack of any functional role for 
Ubx/AbdA in their development. Finally, it is crucial to keep mayfly ontogeny in mind: unlike 
the A1 pleuropods in G. bimaculatus, the gills of H. limbata develop after embryogenesis. 
Hence, embryonic Hox expression patterns may not be relevant to their unique body plan until 
abdominal appendages are about to develop in the second instar.
Comparative analysis of posterior Hox gene expression and Arthropod body plans. 
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While Hox expression patterns for first instar nymphs were not identified in this study, Hox 
expression studies in other arthropods suggest how Hox genes may regulate developing 
abdominal appendages in insects. In arthropods overall, Hox expression patterns generally vary 
with differences in the complexity and number of tagmata comprising different body plans (Fig. 
1.7); simple body plans bearing few tagmata generally have large, overlapping regions of Hox 
gene expression. This is best illustrated in the sister taxa to Arthropoda, Onychophora; 
Onychophorans like Euperipatoides kanangrensis express Antp and Ubx through most of the 
leg-bearing trunk, with only AbdA having a more specific expression domain in the posterior 
(Janssen et al., 2014). Similarly broad domains of expression are seen within Arthropoda as 
well. The branchiopod Artemia franciscana (Averof & Akam, 1995) develops a series of 
homogeneous limbs throughout the trunk and shows broadly overlapping expression profiles for 
Antp, Ubx, and AbdA. Myriapods (Hughes and Kaufman, 2002b; Janssen and Budd, 2010), 
likewise exhibit broad Ubx and AbdA profiles through the leg-bearing trunk. However, strong 
Antp expression in centipedes is found only within their specialized maxillipede tagma; 
similarly, expression of the posterior Hox genes in spiders is seen only within the opithostoma 
tagma (Damen et al., 1998; Khadjeh et al., 2012).
These examples illustrate the general cross-taxa trend for Hox expression profiles 
to become smaller and separate as tagma number and body plan complexity increases. To gain 
further insight it is especially helpful to focus on insects’ closest arthropod relatives. While 
identifying the sister taxa to insects has been a historically controversial topic, numerous studies 
(Regier and Shultz, 1997; Giribet et al., 2001) support a monophyletic Mandibulata comprising 
Myriapoda and Insects + Crustaceans, or Pancrustacea. Crustacea itself is sometimes considered 
monophyletic (Giribet et al., 2001), but many studies describe Crustacea as paraphyletic, with 
insects closely related as sister to the Branchiopoda (Regier and Shultz, 1997; Aleshin et al., 
2009; Meusemann et al., 2010) or the Remipedia and their relatives (Regier et al., 2010; Misof 
et al., 2014). 
For the anterior boundaries of Antp expression, crustaceans, H. limbata, and other 
insects show widespread similarities. Anterior Antp boundaries in crustaceans appear near the 
posterior head segments, namely the first maxilla (Artemia franciscana, Averof & Akam, 1995; 
Malocostraca: Porcellio scaber, Abzhanov and Kaufman, 2000a) or second maxilla 
(Malocostraca: Procambarus clarkii, Abzhanov and Kaufman, 2000b), either correlating with or 
only slightly anterior to the general posterior labial Antp boundary seen in H. limbata and many 
other insects. The posterior Antp boundaries for crustaceans are more clearly correlated with 
different appendage identities, with crustaceans like the Malocostraca exhibiting a wide range of 
appendage types and tagmata. For example, the isopod P. scaber develops two tagmata (the 
pereon and pleon) in the traditional trunk region, with the pereon developing a series of walking 
legs; P. scaber Antp expression is limited to the seven leg-bearing trunk segments in embryos 
and weak ventral staining in the pleon likely due to CNS development, similar to the expected 
role of abdominal Antp in insects and H. limbata. The crayfish P. clarkii bears a wider array of 
appendage types throughout the pereon and pleon, and thus a correspondingly specific 
expression pattern in which Antp fades from the trunk in older embryos and becomes exclusive 
to the morphologically distinct maxillipede segments in the pereon. Thus, while broad Antp 
expression is associated with appendage development throughout the trunk in simpler arthropod 
body plans, the hypothesized phylogenetic positions of centipedes, malacostracans, and insects 
(Fig. 1.7) suggests that Antp expression is particularly relevant to anterior trunk appendage 
specialization, and has independently evolved such a role several times during arthropod 
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evolution. Limiting Antp expression domains to the anterior trunk in complex crustaceans (or 
thorax in insects) could explain why Antp appears to play no role in the abdomen, even if gills 
were derived from ancestral appendicular structures.
Much like Antp expression, the degree of conserved Ubx and AbdA expression 
profiles between crustaceans, H. limbata, and other studied insects also depends primarily upon 
body plan complexity, with more complex tagmata correlating with stronger anterior and 
posterior specification of Ubx and AbdA expression, respectively. Crustaceans with simple body 
plans like A. franciscana show notably different expression profiles than those of H. limbata 
and other insects, with Ubx and AbdA expression predominant from the posterior second 
maxilla through the entire trunk, but not in the appendage-less abdomen (Averof & Akam, 
1995). In the simple body plan of A. franciscana, Ubx and AbdA thus denote the boundary 
between gnathal and post-gnathal appendages. Conversely, anterior Ubx and AbdA boundaries 
within the complex body plans of Malacostraca more clearly resemble those seen in H. limbata 
and other non-holometabolous insects. The expression profile of P. clarkii is complicated (again 
correlating with its numerous appendage types), with Ubx particularly strong in the third 
maxillipede and throughout the trunk, but especially T4-T7 and the T4-T6 limb buds. AbdA on 
the other hand is largely restrained to the pleon and is strongest at the pereon/pleon border, until 
later in development when expression migrates one segment anteriorly (Abzhanov and 
Kaufman, 2000b). In P. scaber, Ubx expression ranges from the posterior maxillipede through 
the leg-bearing pereon segments, while AbdA is expressed exclusively in the appendage-less 
pleon (Abzhanov and Kaufman, 2000a). It is tempting to speculate that a similar expression 
profile could play a role in specifying the gill-bearing segments of the mayfly abdomen, with 
Ubx expression dominant in A1-A7, and AbdA expression predominant in the gill-less 
abdominal segments; however, the combined Ubx/AbdA expression domain described in this 
study does not allow us to distinguish Ubx and AbdA expression profiles individually within H. 
limbata. If we consider the more closely related apterygote insect T. domestica, Ubx expression 
is primarily thoracic and in only A1-A2, while AbdA expression becomes weaker after A7 
where styli develop, perhaps due to the influence of AbdB. If such a pattern also exists in H. 
limbata, it could suggest that Ubx and AbdA play distinct roles in the development of the highly 
reduced A1 and more developed A2-A7 gills, respectively. However, it is important to reiterate 
that both H. limbata and T. domestica abdominal appendages do not develop until the nymphal 
instars, leaving time for embryonic Hox expression patterns to change. Furthermore, while H. 
limbata Ubx or AbdA could have evolved such novel functions in the abdomen—a possibility, 
as seen by the opposing regulatory roles of Ubx in D. melanogaster and the beetle Tribolium 
castaneum (Vachon et al., 1992; Lewis et al., 2000)—the highly conserved embryonic 
abdominal expression of H. limbata Ubx/AbdA with that seen in other non-holometabolous 
insects suggests that gills do not comprise a tagma-like abdominal region requiring its own Hox 
expression profile, as seen in many crustaceans. One consequential hypothesis is that Ubx and 
AbdA are only necessary for specifying basic abdominal identity, while downstream appendage 
patterning genes regulate the gills. Thus, while the association of abdominal appendages with 
specific Ubx or AbdA expression profiles in crustaceans is suggestive, it remains unclear 
whether such expression profiles are associated with abdominal appendages in insects with 
divergent body plans.
Implications and future directions for studying mayfly gill evolution 
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Further research on the mayfly body plan and their abdominal gills would greatly benefit from 
three main directions. First is investigating the expression of appendage patterning genes. 
Numerous studies have described how appendages are specified amongst insects; in D. 
melanogaster, strong expression of Decapentaplegic and Wingless activate distal expression of 
Dll (Cohen et al., 1993; Lecuit and Cohen, 1997), while weaker expression activates dachshund, 
which are needed to specify the distal and medial portions of the limb, respectively (Cohen and 
Jürgens, 1989; Mardon et al., 1994; Lecuit and Cohen, 1997). Finally, the genes extradenticle 
and homothorax are restricted by Antp expression to the proximal portion of the limb (Casares 
and Mann, 1998), where they specify proximal leg development (Abu-Shaar and Mann, 1998). 
These genes are also associated with appendage patterning in a number of other holometabolous 
(Panganiban et al., 1994; Grossmann et al., 2009; Oka et al., 2010; Angelini et al., 2012) and 
non-holometabolous (Angelini and Kaufman, 2004) insects, as well as other arthropod classes 
(reviewed in Angelini and Kaufman, 2005). We have identified putative sequences for all of 
these genes in a first instar transcriptome (data not shown), making the synthesis of riboprobes 
for in situ hybridization an appealing option. Riboprobes for either Ubx or AbdA would also 
enable us to distinguish the individual expression patterns of these genes. 
Since arthropod Ubx and AbdA have evolved numerous different appendage 
specifying roles, another possibility is that expression patterns have remained conserved while 
Ubx and AbdA play a unique functional role in mayfly gill development. Interestingly, we have 
been unable to identify sequences for Ubx in the first instar transcriptome, suggesting that the 
expression or nucleotide sequence of this gene may have evolved in novel ways. First instar 
transcriptomic sequences for H. limbata Antp and AbdA were identified and show high 
conservation with other insect homologs (A. 4.25, 4.26), but may still have evolved unique 
roles. Additional research to sequence a H. limbata Ubx homolog, along with efforts to use all 
three sequences as a basis for functional work via RNAi or CRISPR/Cas9, could reveal unique 
insights into the relationship between genetic and morphological evolution in mayflies. 
Finally, it is possible that H. limbata Hox expression or function is simply not 
promoting abdominal appendage development during embryogenesis, since abdominal gills do 
not develop until the second nymphal instar (Fig. 2.2 b; Wiebe, 1926). While exoskeleton 
permeability in hatched nymphs makes protein staining quite difficult (data not shown), 
nymphal gene expression and function studies are crucial for assessing if Hox and appendage 
patterning genes are expressed in the abdomen, and thus whether gills are novel structures of the 
mayfly abdomen or conserved remnants of ancestral limb structures. 
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FIGURES
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Figure 2.1: Nuclear DAPI staining of embryogenesis in H. limbata embryos. Ventral view, 
anterior to the top in all panels. (a-c) Early EGB embryos. (a) H. limbata begin ontogeny with 
a defined ocular region (white arrowhead) but no clear segmentation. (b) Segmentation 
remains indistinct as the germ band continues extending via the posterior elongation zone 
(asterisk), which is readily identifiable as a wider bulge at the posterior end of the embryo. (c) 
Segments gradually become visible in the presumptive gnathal (G, white bracket) and thoracic 
(T, grey bracket) regions. (d) Mid EGB embryo. All pre-abdominal segment borders are 
clearly demarcated, while abdominal segments continue developing at the extending germ 
band (asterisk). (e, f) Late EGB embryos; in f, the posterior abdomen is folded laterally. Late 
EGB embryos develop most of the 10 abdominal segments, while gnathal and thoracic limb 
bud development (e) and elongation (f) becomes prominent. (g-i) Post EGB embryos have 
clearly distinguishable body segments. In younger post-EGB embryos (g), early leg 
segmentation is barely visible in the thoracic limb buds (white arrows), but becomes 
prominent in all legs as the embryo develops (h). In older post-EGB embryos the abdominal 
segments also become wider, and preliminary terminal filaments (white arrowhead) are clearly 
present at the posterior end of the abdomen. (i) The oldest post-EGB stages are notably wider 
throughout the anterior-posterior axis, have clearly jointed gnathal and thoracic appendages, 
and bear developing terminal filaments (white arrowhead). Anterior is at the top in all panels. 
Scale bars 0.10mm.
 24
 
Figure 2.1 
Figure 2: Nuclear DAPI staining of 
embryogenesis in H. limbata to highlight 
morphology. Ventral view, anterior to the top in 
all panels. (a-c) Early EGB embryos. (a) H. 
limbata begin ontogeny with a defined ocular 
region (white arrowhead) but no clear 
segmentation. (b) Segmentation remains 
indistinct as the germ band continues extending 
via the posterior elongation zone (asterisk), 
which is readily identifiable as a wider bulge at 
the posterior end of the embryo. (c) Segments 
gradually become visible in the presumptive 
gnathal (G, white bracket) and thoracic (T, grey 
bracket) regions. (d) Mid EGB embryo. All pre-
abdominal segment borders are clearly 
demarcated, while abdominal segments continue 
developing at the extending germ band 
(asterisk). (e, f) Late EGB embryos; in f, the 
posterior abdomen is folded laterally. Late EGB 
embryos develop most of the 10 abdominal 
segments, while gnathal and thoracic limb bud 
development (e) and elongation (f) becomes 
prominent. (g-i) Post EGB embryos have clearly 
distinguishable body segments. In younger post-
EGB embryos (g), early leg segmentation is 
barely visible in the thoracic limb buds (white 
arrows), but becomes prominent in all legs as the 
embryo develops (h). In older post-EGB 
embryos the abdominal segments also become 
wider, and preliminary terminal filaments (white 
arrowhead) are clearly present at the posterior 
end of the abdomen. (i) The oldest post-EGB 
stages are notably wider throughout the anterior-
posterior axis, have clearly jointed gnathal and 
thoracic appendages, and bear developing 
terminal filaments (white arrowhead). Anterior is 
at the top in all panels. Scale bars 0.10mm.
h
Specs & Mags:  
a IHC20 early Hex. GBE embryo #3. anterior at top. Antp, 200X DAPI.tiff 
b IHC12 Hex. Pre-S embryo. Antp #2.1 200X.tiff 
c IHC12 Hex. Pre-S embryo. Ubx/AbdA #3.4 200X.tiff 
 d IHC27 Ubx/AbdA #5.1 100X DAPI.tiff 
 e IHC29 Antp #2.1 100X DAPI.tiff 
f IHC31 Antp #4.1 100X DAPI.tiff 
g IHC27 Antp #21.1 100X DAPI.tiff 
h IHC27 Antp #13.1 100X DAPI.tiff 
i IHC27 Antp #2.15 100X DAPI.tiff 
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Figure 2.2: Morphology of early H. limbata nymphal instars. (a-e) Overall instar body plan 
morphology. (a) First installs bear ten body segments and most nymphal structures, including 
antennae, three pairs of thoracic legs, and terminal filaments. While first instars lack 
mandibular tusks or abdominal gills, gills develop simultaneously in the abdomen of second 
installs (b), then continue to grow and elaborate in third (c) and undetermined subsequent 
instars (d, e). In post-third instars, the gills exhibit differential growth rates, with those after A5 
becoming comparably smaller and less developed. (f-h) The thoracic limbs of early instar 
nymphs. (f, g) First instar T1 (f) and T2, T3 (g) limbs all bear six segments. In each, the tibia is 
slightly longer and more narrow than the femur. (h) T1-T3 legs of an undetermined instar 
comparable to (e). A number of additional hairs have developed on the femur and tarsus, and 
the overall leg length is longer than in first instars; otherwise, they bear similar traits to T1-T3 
in first instars. (i-q) Gill morphology throughout post-third instars. (i) Second instar gills 
appear on A2-A7 as lateral protrusions (white asterisks) from the abdominal wall, with a small 
joint at the distal tip (white arrowheads). (j) The A2-A6 gills of third instars develop forked at 
the distal tip (black arrow), while the A7 gill (k) remains uniramous. (l) In older nymphs 
comparable to (d), the A2-A6 gills continue developing new branches from the gill base (black 
arrow) in a distal to posterior fashion, while A7 (m) remains uniramous. (n-q) Gills in older 
nymphs comparable to (e). (n) The A1 gill begins developing as a minute lateral growth, and 
lacks the joint-like tips seen in second instar gills. (o) The A2-A6 gills continue developing 
branches toward the proximal gill base; branch development also begins at the distal end of A7 
gills (p). (q) In some older nymphs, the A2-A6 gills also begin developing the ventral gill 
ramus (black arrowhead). The main tracheal tube is also apparent (black arrow). Anterior is to 
the top (a-e); proximal ends for thoracic legs are to the bottom (f-h); proximal ends for gills are 
to the bottom (i, n), or left (j-m, o-q). Scale bars 0.25mm (a-e), 0.05mm (f, g, i-q), 0.10mm 
(h), 0.025mm (i-q).
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Figure 2.2 
n
Figure 3: Morphology of early H. limbata nymphal 
instars. (a-e) Overall instar body plan morphology. (a) 
First installs bear ten body segments and most nymphal 
structures, including antennae, three pairs of thoracic 
legs, and terminal filaments. While first instars lack 
mandibular tusks or abdominal gills, gills develop 
simultaneously in the abdomen of second installs (b), 
then continue to grow and elaborate in third (c) and 
undetermined subsequent instars (d, e). In post-third 
instars, the gills exhibit differential growth rates, with 
those after A5 becoming comparably smaller and less 
developed. (f-h) The thoracic limbs of early instar 
nymphs. (f, g) First instar T1 (f) and T2, T3 (g) limbs 
all bear six segments. In each, the tibia is slightly 
longer and more narrow than the femur. (h) T1-T3 legs 
of an undetermined instar comparable to (e). A number 
of additional hairs have developed on the femur and 
tarsus, and the overall leg length is longer than in first 
instars; otherwise, they bear similar traits to T1-T3 in 
first instars. (i-q) Gill morphology throughout post-
third instars. (i) Second instar gills appear on A2-A7 as 
lateral protrusions (white asterisks) from the abdominal 
wall, with a small joint at the distal tip (white 
arrowheads). (j) The A2-A6 gills of third instars 
develop forked at the distal tip (black arrow), while the 
A7 gill (k) remains uniramous. (l) In older nymphs 
comparable to (d), the A2-A6 gills continue developing 
new branches from the gill base (black arrow) in a 
distal to posterior fashion, while A7 (m) remains 
uniramous. (n-q) Gills in older nymphs comparable to 
(e). (n) The A1 gill begins developing as a minute 
lateral growth, and lacks the joint-like tips seen in 
second instar gills. (o) The A2-A6 gills continue 
developing branches toward the proximal gill base; 
branch development also begins at the distal end of A7 
gills (p). (q) In some older nymphs, the A2-A6 gills 
also begin developing the ventral gill ramus (black 
arrowhead). The main tracheal tube is also apparent 
(black arrow). Anterior is to the top (a-e); proximal 
ends for thoracic legs are to the bottom (f-h); proximal 
ends for gills are to the bottom (i, n), or left (j-m, o-q). 
Scale bars 0.25mm (a-e), 0.05mm (f, g, i-q), 0.10mm 
(h), 0.025mm (i-q).
Specs & Mags:  
a 11/14/13 EtoH preserved first instar, dorsal view. Image taken on a Leica ICC50 HD at 100X (same image as Image 655, but flattened more.) 
b (assuming 100X for now) 
c Image 468 “From Fall #1 petri dish, preserved in EtoH on 11/14-15/13. Dorsal view. Image taken on a Leica ICC50 HD at 100X” 
 d Live 4-5 branch nymph from Fall2013 #1 petri dish. Ventral view. Image taken with a Leica ICC50 HD at 100X 
 e Possibly 4th instar nymph from 6/20/13 egg batch. Dorsal view. Image taken on a Leica ICC50 HD at 100X.  
f-g 400X BX53 images 
h = 100X ICC50 
i-q = 400x ICC50
H = Image 663 nymph, 
dorsal view close up #1. 
Image taken on a Leica 
ICC50 HD at 100X.
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Figure 2.3: Morphology of intermediate-instar H. limbata nymphs. (a) An intermediate-instar 
female, which are larger and lack the bulging ocelli of males (inset). By intermediate stages 
the gnathal appendages, walking legs, and gills are well developed, with further development 
largely consisting of growth. (b) A black wing pad nymph. Intermediate stages initially lack 
wing pads and develop them over multiple instars, with black wing pads indicating the final 
instar before molting to the subimago. (c-e) thoracic leg morphology of intermediate instars. 
All thoracic legs bear six segments. The tibia and femur of T1 legs (c, dorsal view) are notably 
wider at the distal ends. The femur of T2 legs (d, ventral view) is enlarged to a smaller extent, 
a decline that continues in T3 femurs (e, ventral view). The tibia in T2 and T3 legs are more 
uniform in width. (f-l) Gill morphology of intermediate instars. (f) A2-A7 gills emerge 
dorsally (black arrow) from lateral projections of the abdominal wall (black asterisk). (g) All 
gills are biramous, and are conjoined at the gill base (white arrow). (h) The A1 gills are 
likewise biramous and conjoined at the gill base (black arrow), but dramatically smaller than 
the A2-A7 gills, and lack any gill branches. (i) An A4 gill, which is comprised of the dorsal (j) 
and ventral (k) gill rami. While the dorsal plate is larger overall, both plates exhibit extensive 
gill branching; branches are longest proximally (black asterisk), becoming thinner and more 
numerous near the distal end. All gills show extensive trachea networks projecting from a 
central tracheal tube (l, asterisk). Orientation is anterior to the left (a) and top (b). Proximal 
ends of legs are to the right (c-e), while proximal ends of gills are to the left (f-k) or bottom (l). 
Scale bars 3.0mm (a), 1.0mm (c-e, i-k), 0.5mm (f, g), 0.25mm (h, l). 
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Figure 4: Morphology of intermediate-instar H. 
limbata nymphs. (a) An intermediate-instar female, 
which are larger and lack the bulging ocelli of males 
(inset). By intermediate stages the gnathal appendages, 
walking legs, and gills are well developed, with further 
development largely consisting of growth. (b) A black 
wing pad nymph. Intermediate stages initially lack 
wing pads and develop them over multiple instars, with 
black wing pads indicating the final instar before 
molting to the subimago. (c-e) thoracic leg morphology 
of intermediate instars. All thoracic legs bear six 
segments. The tibia and femur of T1 legs (c, dorsal 
view) are notably wider at the distal ends. The femur of 
T2 legs (d, ventral view) is enlarged to a smaller 
extent, a decline that continues in T3 femurs (e, ventral 
view). The tibia in T2 and T3 legs are more uniform in 
width. (f-l) Gill morphology of intermediate instars. (f) 
A2-A7 gills emerge dorsally (black arrow) from lateral 
projections of the abdominal wall (black asterisk). (g) 
All gills are biramous, and are conjoined at the gill 
base (white arrow). (h) The A1 gills are likewise 
biramous and conjoined at the gill base (black arrow), 
but dramatically smaller than the A2-A7 gills, and lack 
any gill branches. (i) An A4 gill, which is comprised of 
the dorsal (j) and ventral (k) gill rami. While the dorsal 
plate is larger overall, both plates exhibit extensive gill 
branching; branches are longest proximally (black 
asterisk), becoming thinner and more numerous near 
the distal end. All gills show extensive trachea 
networks projecting from a central tracheal tube (l, 
asterisk). Orientation is anterior to the left (a) and top 
(b). Proximal ends of legs are to the right (c-e), while 
proximal ends of gills are to the left (f-k) or bottom (l). 
Scale bars 3.0mm (a), 1.0mm (c-e, i-k), 0.5mm (f, g), 
0.25mm (h, l). 
Specs & Mags:  
a G-12 female nymph, from July 2012. Dorsal view. Image taken on a Leica EZ4 HD at 8X 
b 8X on EZ4 
c-e = 16X on EZ4 
f,g = 35X on EZ4 
h = most likely 100X on ICC50 
i, j, k = 25X EZ4 
L = 100X on ICC50 
T1 leg: Leica EZ-4, 16X 
T2 leg: Leica EZ4, 16X 
T3 leg: Leica EZ4, 16X
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Figure 2.4: Horseradish-peroxidase staining of the Antp 4C3 antibody in H. limbata embryos. 
Ventral view, anterior to the top in all panels. (a-b) early EGB embryos did not show any Antp 
staining. (c) By the mid EGB stage, staining is clearly present in all three thoracic segments 
(T1-T3), with the strongest staining seen along the lateral sides where thoracic legs develop (j, 
black arrowheads). (d-f) As the limb buds elongate in mid (d) to late (e, f) EGB embryos, 
central thoracic staining remains weak (black asterisks), but the stronger lateral staining 
extends into the limb buds. Antp staining also begins to appear on the posterior edge of the 
labial segment (f; k is a magnified view, black arrowhead), and has notably stronger patches 
of expression on the anterior T2 and T3 limb buds (f, black arrows). (g-i) Post EGB stages; in 
(h), the posterior abdomen is folded over the body, as shown by segment annotations. By the 
post-EGB stage, Antp staining has extended into the posterior labial segment (black 
arrowheads). Staining in the thorax is notable throughout, but most intense in the central 
thoracic segments and weaker in the limbs. Staining is also present in the central A1 segment 
(g, black arrow), with gradually weaker staining seen in the center of subsequent abdominal 
segments until A10 (h, black arrow). (i) In the oldest post EGB stages, abdominal staining 
becomes stronger and more uniform up to A10, although it is still absent from the lateral 
edges (black asterisks). Antp staining otherwise remains largely consistent with younger post 
EGB stages, with staining extending through the posterior Lb to A10 segments. Mn, 
mandible; Mx, maxilla; L, labium; T1-T3, thoracic segments; A1-A10, abdominal segments. 
Scale bars 0.10mm.
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Figure 2.4
Specs & Mags:  
a IHC20 GBE embryo #3 Antp 200XDIC 
b IHC16 [IHC12 Pre-S embryo Antp #2 200XDIC] 
 c IHC26 Antp #4 100XDIC 
 d IHC27 Antp #27 [maybe replace with IHC26 Antp #8??] 100X 
 e IHC27 Antp #23 100XDIC
Specs & Mags:  
f IHC31 Antp #4 100XDIC 
g IHC12 Hex. S-J embryo. Antp #5.18 200XDIC 
h IHC9 Hex. S-J Embryo F28 #10.5 200XDIC 
i  IHC32 Antp #17 200XDIC 
j [same as c] 
k
Figure 5. Horseradish-peroxidase staining of the 4C3 
Antp antibody in H. limbata embryos. Ventral view, 
anterior to the top in all panels. (a-b) early EGB embryos 
did not show any Antp staining. (c) By the early EGB 
stage, staining was clearly present in all three thoracic 
segments (T1-T3), with the strongest staining seen along 
the lateral sides where thoracic legs will develop (j, black 
arrowheads). (d-f) As the limb buds elongate in mid-EGB 
embryos, central thoracic staining remains weak (black 
asterisks), but the stronger lateral staining extends into 
the limb buds. Antp staining also begins to appear on the 
posterior edge of the labial segment (f; k is a magnified 
view, black arrowhead), and has notably stronger patches 
of expression on the anterior T2 and T3 limb buds (f, 
black arrows). (g-h) Post-EGB stages; in (h), the 
posterior abdomen is folded over the body, as shown by 
segment annotations. By the post-EGB stage, Antp 
staining has extended into the posterior labial segment 
(black arrowheads). Staining in the thorax is notable 
throughout, but most intense in the central thoracic 
segments and weaker in the limbs. Staining is also 
present in the central A1 segment (g, black arrow), with 
gradually weaker staining seen in the center of 
subsequent abdominal segments until A10 (h, black 
arrow). (i) In late-stage embryos, abdominal staining 
becomes more uniform up to A10, although it is still 
absent from the lateral edges (black asterisks). Antp 
staining otherwise remains largely consistent with post 
EGB stages, with staining extending through the posterior 
Lb to A10 segments. Mn, mandible; Mx, maxilla; L, 
labium; T1-T3, thoracic segments; A1-A10, abdominal 
segments. Scale bars 0.10mm.
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Figure 2.5: Horseradish-peroxidase staining of the Ubx/AbdA FP6.87 antibody in H. limbata 
embryos. Ventral view, anterior to the top for all images. Note that staining was not obtained 
for mid or late EGB embryos. (a-b) Early EGB embryos, in which Ubx/AbdA staining was not 
found. (c-e) Post EGB embryos. (c) Young post EGB embryos show weak staining as small, 
centrally located spots within the posterior T2 and T3 segments (black arrowheads). 
Abdominal staining is much stronger and extends through all abdominal segments until A10 
(black arrow), with the strongest staining found in A1 (white arrow). (d) In older post EGB 
embryos, thoracic staining becomes more distinguished, extending along the posterior border 
of T2 (black arrows) and the anterior border of A1 (white arrow). The posterior T3 and 
Anterior A1 border staining further intensifies, while staining in the rest of the abdomen 
resembles that seen in late EGB embryos; however, staining is notably stronger along the 
lateral segment edges (see arrows) than within the midline. (e) By the latest post EGB stage, 
staining is clear throughout the entire T2 and T3 posterior borders (white arrows), and extends 
through the abdominal segments until becoming weaker after A8 and rapidly fading by A10. 
Staining is still strongest along the lateral edges, though this is most notable from A8-A10. 
Scale bars 0.10mm. 
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Figure 2.5 
Specs & Mags:  
a IHC20 Hex. early EGB embryo. Ubx/AbdA #3 200XDIC 
b IHC16 [IHC12 Pre-S embryo Ubx/AbdA #3.3 200XDIC] 
 c IHC12 Hex. S-J embryo. ubx/AbdA #5.7 200XDIC 
 d IHC12 Hex. S-J embryo. ubx/AbdA #7 200XDIC 
 e IHC16 [IHC12 J embryo Ubx/AbdA #4.4 200XDIC] 
Figure 6. Horseradish-peroxidase staining of the FP6.87 
Ubx/AbdA antibody in H. limbata embryos. Ventral view, 
anterior to the top for all images. (a-b) Early EGB 
embryos, in which Ubx/AbdA staining was not found. (c) 
Late EGB embryos showed weak staining as small, 
centrally located spots within the posterior T2 and T3 
segments (black arrowheads). Abdominal staining was 
much stronger and extended through all abdominal 
segments until A10 (black arrow), with the strongest 
staining found in A1 (white arrow). (d) In post EGB 
embryos, thoracic staining became more distinguished 
and extended along the posterior border of T2 (black 
arrows) and the anterior border of A1 (white arrow). The 
posterior T3 and Anterior A1 border staining further 
intensified, while staining in the rest of the abdomen 
resembles that seen in late EGB embryos; however, 
staining is notably stronger along the lateral segment 
edges (see arrows) than within the midline. (e) Late stage 
embryo staining clearly extends along the entire T2 and 
T3 posterior borders (white arrows) and extends through 
the abdominal segments until becoming weaker after A8 
and rapidly fading by A10. Staining is still strongest 
along the lateral edges, though this is most notable from 
A8-A10. Scale bars 0.10mm. 
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Figure 2.6: Diagram comparing the H. limbata nymphal body plan, phylogenetic position, 
and Hox expression profile to Onchyphorans and non-pterygote arthropods. The major 
phylogenetic groups of Arthropoda, Mandibulata, and Pancrustacea are denoted by shaded 
boxes on the tree. Note that the insects (H. limbata and apterygotes) are depicted as sister to a 
monophyletic Crustacea only for simplicity (see discussion). Body plan diagrams for each 
class are provided at the branch tips; vertical bars on the plans denote major tagmata 
boundaries, while the boxes denote segmental boundaries. Colored boxes indicate segments 
that bear appendages, with yellow marking walking appendages, red are gnathal/feeding, and 
grey denotes unspecified appendage types.  Colored bars below each body plan indicate 
corresponding regions of Hox expression, with green = Antp, blue = Ubx, and red = AbdA. For 
H. limbata, combined Ubx/AbdA expression is represented by the purple bar. Lighter color 
bars indicate weaker or transient expression, while darker colors indicate strong expression. 
Note that these expression domains are a simplified view of expression over the course of 
ontogeny and should only be used as a guide. Body plans and expression domains were 
summarized from the following: Onychophora (Euperipatoides kanangrensis), Janssen et. al., 
2014; Arachnida (Cupiennius salei), Damen et. al., 1998; Myriapoda (Lithobius atkinsoni), 
Hughes and Kaufman, 2002; Malacostraca (Procambarus clarkii), Abzhanov and Kaufman, 
2002; Branchiopoda (Artemia franciscana), Averof & Akam, 1995. Apterygote (Thermobia 
domestica), Peterson et. al., 1999, and Woodland, 1952; H. limbata, this study. For additional 
summary diagrams correlating Hox expression with body plan evolution, see Abzhanov et. al., 
2002; Hughes and Kaufman, 2002; and Zhang et. al., 2005. Segment abbreviations are as 
follows: Onchyphora: Fap, frontal appendage; J, jaw; sp, lime papilla; L1-L15, walking 
appendages; av, anal valves. Myriapoda: Oc, ocular; Ant, antenna; Int, intercalary; Mn, 
mandible; Mx1-Mx2, maxilla; Mxp, Maxilliped (only in centipedes); L1-L8, walking legs; Te, 
telson. Malacostraca: Oc, ocular; Ant1-Ant2, antennae; Mn, mandible; Mx1-Mx2, maxilla; 
Mxp1-Mxp3, maxillipedes, also known as trunk segments 1-3; T4-T14, trunk; Te, telson. 
Branchiopoda: PGH, pre-gnathal head; Mn, mandible; Mx1-Mx2, maxilla; T1-T11, thorax; 
G1-G2, genitals; A1-A6, abdomen; Te, telson. H. limbata: Oc, ocular; Ant, antenna; Int, 
intercalary; Mn, mandible; Mx, maxilla, Lb, labium; T1-T3, thorax; A1-A10, abdomen; Te, 
telson.
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Chapter 3
Identification of Developmental Genes in the Transcriptome of Hexagenia limbata
Abstract:  Mayflies represent one of the earliest diverging clades of winged insects, and exhibit 
a nymphal body plan bearing abdominal appendages that are atypical in insects. The 
developmental genetics of mayflies have not been extensively studied, creating a unique 
opportunity to investigate candidate gene pathways responsible for their divergent body plan 
evolution. In this study we describe developmental gene homologs from first instar H. limbata 
nymphs in order to examine these sequences for notable functional changes, and provide a 
baseline for future gene expression and function studies. Our assembled transcriptome contains 
93,561 contigs, of which 60,861 had ≥10X average coverage. D. melanogaster protein 
homologs were used to query the 93,561 contigs for putative homologs. Reciprocal BLASTx 
analyses of query results with e-values < 1e-20 ultimately identified 53 out of 89 investigated 
developmental and cell signaling genes, comprising 78 putative coding sequences in total. 
When annotated and aligned with select arthropod homologs, the vast majority of putative H. 
limbata sequences most closely matched non-Drosophila insect homologs in terms of domain/
motif organization and percent identity. In order to broadly characterize our 93,561 contig 
transcriptome, a > 99 reads filter was applied to generate a high quality data set of 37,023 
contigs, which was then functionally annotated via BLAST2GO. Of the 37,023, 9,813 were 
successfully annotated with Gene Ontology (GO) terms and likely represent recognizable 
transcripts, with 841 and 996 specifically identified as sequences relevant to developmental 
processes and signaling, respectively. The 9,813 annotated contigs also show a collective GO 
term profile similar to those seen amongst other insect transcriptomes, indicating that our 
sampling and sequencing methods successfully obtained a broad and accurate range of 
transcripts. Collectively, our data show that most identified H. limbata transcripts are largely 
conserved with non-Drosophila insect homologs, suggesting that changes in expression or 
function are likely due to small scale mutations or changes in regulatory mechanisms. This 
dataset can further provide a basis for the synthesis of in situ hybridization riboprobes, probes 
for RNAi and CRISPR-Cas9 functional experiments, and sequences applicable to phylogenetic 
studies. 
3.1. Introduction
Identifying gene regulatory networks and the interactions that define them is crucial to 
understanding the molecular basis for major biological processes, particularly the body plan 
organization and appendage patterning key to organismal development. Historically, such 
developmental phenomena were described in only a few well established model organisms, 
which has been a barrier to understanding how major developmental pathways can evolve to 
produce morphologically divergent organisms. However, a powerful factor in addressing this 
problem was the realization that Darwin’s concept of “descent with modification” applies at 
both the morphological and genetic levels; consequently, many developmental pathways are 
comprised of homologous genes, such as Hox genes, that can be identified even in distantly 
related taxa (Raff, 1996). Thus, using prior knowledge from classic model systems like 
Drosophila melanogaster to identify candidate developmental genes in understudied taxa has 
become central to efficiently identifying major developmental networks in new model 
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organisms, and determining how these networks evolved. The necessity of this approach is 
perhaps best illustrated in regard to the evolution and development of arthropods. 
Arthropods comprise the the most speciose animal phyla, a fact that is widely attributed 
to the evolution and subsequent diversification of their segmented body plans (Giribet and 
Edgecombe, 2012). This evolutionary radiation provides an unparalleled opportunity to study 
the genetic pathways underlying arthropod developmental diversity, as well as the evolutionary 
changes that underpin them. Our most thorough understanding of these genetic pathways in 
arthropods comes from the fruit fly Drosophila melanogaster (Diptera). Body patterning in D. 
melanogaster begins with maternally supplied gradients of anterior-posterior specifying gene 
products such as bicoid and bicaudal, and dorsal-ventral axis gene products such as dorsal 
(Nüsslein-Volhard, 1976; Driever & Nüsslein-Volhard, 1988). Further anterior-posterior 
segmental development is zygote-based and controlled by three distinct gene groups identified 
by Nüsslein-Volhard & Wieschaus (1980), called the gap, pair rule, and segment polarity genes. 
Known collectively as segmentation genes, their spatiotemporal expression during embryonic 
development ultimately forms the body segments. For example, early embryonic expression 
gradients of the gap genes kruppel (kr) and giant interact to help specify multi-segment regions 
of the anterior-posterior axis (Knipple et al., 1985; Capovilla et al., 1992), while later expression 
of the segment polarity gene hedgehog (hh) helps establish segmental boundaries (Heemskerk 
and DiNardo, 1994). As segmentation completes, segment identity genes, known as homeotic or 
Hox genes, become key for forming segment-specific appendages. Hox genes often function by 
inhibiting downstream appendage patterning genes; amongst the posterior Hox genes, 
Antennapedia (Antp) promotes leg development in the thorax (Struhl, 1982) by inhibiting the 
distal expression of homothorax (hth), which normally dimerizes with extradenticle protein and 
would otherwise specify antennal identity in the thorax (Casares and Mann, 1998). Conversely, 
Ultrabithorax (Ubx) and Abdominal-A (AbdA) prevent legs from developing in abdominal 
segments by inhibiting the appendage-patterning gene Distal-less (Dll) (Vachon et al., 1992). In 
addition to hth, extradenticle, and Dll, additional appendage patterning genes like wingless (wg) 
and decapentaplegic (Dpp) control appendage development in D. melanogaster. Campbell et al., 
(1993) identified gradients of wg and Dpp in imaginal leg discs, which are necessary for distal 
expression of Dll (Cohen et al., 1993) and, when at lower concentrations, the proximal 
expression of dachshund (dac) (Lecuit, & Cohen, 1997). Thus, both the main body segment and 
appendage axes are specified by distinct gradients of key developmental genes.
While D. melanogaster has been an exemplary model for clarifying genetic pathways 
key to body patterning, there is still much to learn about how these pathways evolved to 
produce the morphologies of other insect taxa. It is clear that homologs of these gene pathways 
are present in other insect species, but their expression and function often differs notably from 
D. melanogaster. For example, Distal-less is not required for antennal identity in Oncopeltus 
fasciatus (Hemiptera; Angelini & Kaufman, 2004), while Ultrabithorax in Tribolium castaneum 
(Coeloptera), and both Ultrabithorax and Abdominal-A in Orchesella cincta (Collembola), 
modify rather than inhibit the development of abdominal appendages (Lewis et al., 2000; 
Konopova & Akam, 2014).  
Such non-Drosophila studies show how clarifying gene expression and function in a 
broader range of taxa improves our understanding of body plan genetics and evolution. 
However, while mutagenesis experiments and chromosome mapping were central to identifying 
key developmental genes in D. melanogaster and continue to be powerful molecular techniques, 
they alone do not allow the study of gene sequences, are very time consuming, and are difficult 
to apply across a wide taxonomic range. Fortunately, the development of sequencing technology 
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addresses these issues. Sequencing technology advancements began with Sanger (Sanger & 
Coulson, 1975; Sanger et al., 1977) and shotgun sequencing, which enabled genomic 
sequencing of insects like D. melanogaster (Adams et al., 2000). The subsequent onset of 
Second Generation Sequencing (SGS) technology in 2005 (Margulies et al., 2005; Metzker, 
2010) then revolutionized genetic studies by dramatically improving sequencing speed and cost 
(Schuster, 2008). These advancements opened additional research avenues like transcriptomic 
sequencing, which is cheaper than genomic sequencing and provides an effective dataset for 
identifying candidate protein coding sequences of interest. With modern SGS technology, 
efficient sequencing of entire transcriptomes is increasingly feasible in new model organisms 
(Ekblom & Galindo, 2011) even when genomic data are unavailable for use as an assembly 
reference (Schuster, 2008). Transcriptomic data have thus become pervasive in evolutionary 
studies of arthropods in general and insects in particular, with projects like 1KITE sequencing 
over 1000 transcriptomes to investigate major questions in insect evolution, such as their 
phylogenetic relationships (Misof et al., 2014). Despite such progress, several gaps in our 
sequencing knowledge remain. Most publicly available insect genomes and transcriptomes are 
from holometabolan species (Oppenheim et al., 2015; Richard et al., 2018); furthermore, 
transcriptomes with a focus on non-holometabolan development (e.g. Ewen-Campen et al., 
2011; Bao et al., 2013; Feindt et al., 2018; Arya et al., 2018) are uncommon, and few insect 
transcriptomes in general focus on characterizing developmental genes. While modern 
sequencing technology has thus made broad taxonomic studies of development possible, there is 
still ample opportunity to expand transcriptomic studies on development, especially for non-
holometabolan insect taxa.
The mayflies (Ephemeroptera) are one such taxon, with ecological, phylogenetic, and 
developmental factors making them appealing candidates for transcriptomic research. 
Ecologically, the aquatic nymphs and terrestrial adults of mayflies play key roles in freshwater 
systems worldwide. Mayfly nymphs generally fulfill a collector or scraper ecological role 
(Cummins, 1973), are a key food source for many fish species, and as adults provide an ample 
food supply for a wide range of predators (Hoopes, 1960; Leonard & Leonard, 1962). Mayflies 
have also been used to assess water quality (Fremling & Mauck, 1980; Lenat, 1988; Fremling, 
& Johnson, 1990; Dobrin & Corkum, 1999), and as a source of environmentally sensitive 
biomarkers (De Jong et al., 2006; Mo et al., 2013).
Mayflies are also important for understanding insect body patterning and evolution. In 
terms of phylogeny, many researchers tentatively group mayflies and dragonflies (Odonata) into 
the clade Palaeoptera (Trautwein et al., 2012; Misof et al, 2014) as the first diverging clade of 
winged insects (but see Ogden, & Whiting, 2003, Whitfield & Kjer, 2008, Simon et al., 2009, 
and Trautwein et al., 2012 for discussion on alternative hypotheses), suggesting that these 
lineages are key to understanding the origin of insect flight. The morphological evolution of 
mayfly taxa is also unique; in contrast to the typical insect body plan (Snodgrass, 1935c; 
Hughes and Kaufman, 2002a), the aquatic mayfly nymphs bear an array of gill-like appendages 
along their abdominal segments called gills, which differ dramatically according to taxa and 
play a key role in respiration and habitat adaptation (Morgan and Grierson 1932; Wingfield 
1939; Zhou et al. 2003). Gills may be homologous to the appendicular structures seen on the 
ventral appendages of numerous arthropods (Snodgrass, 1935d) and a potential indicator of how 
insect flight evolved via the limb branch hypothesis (Averof & Cohen, 1997; Marden & 
Thomas, 2003; Niwa et al., 2010). Finally, the genetics underlying mayfly appendage 
development remains largely understudied: there are no functional studies on mayfly 
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developmental genes, and only a few studies (Niwa et. al., 2010; O’Donnell and Jockusch, 
2010) regarding the expression of select candidate developmental genes during embryogenesis. 
The ecological importance of mayflies, combined with their important phylogenetic 
position and understudied developmental genetics, make them powerful candidates for 
transcriptomic characterization.  In this study we describe the first transcriptome sequenced for 
H. limbata, use several metrics to confirm our transcriptome’s quality, and successfully identify 
and annotate sequences for 53 protein coding genes comprising key segmentation, appendage 
patterning, and cell signaling pathways. Our high quality transcriptome can thus serve as an 
additional resource for phylogenetic, ecological, and developmental studies in mayflies, while 
our annotated gene sequences provide a starting point for molecular-based techniques to clarify 
mayfly body patterning and evolution.
3.2. Methods
Embryonic RNA extraction and cDNA preparation
Mature H. limbata females were collected from Sky Pond (New Hampton, Belknap Co., NH) at 
night in June 2013 with a blacklight, then submerged in water to stimulate egg-laying 
(Fremling, 1967). Eggs were washed in 10% bleach, rinsed with aged distilled water, and 
maintained at room temperature until first and second instar nymphs developed. Approximately 
0.1μl of whole-body nymphs were used for total mRNA extraction by isolating RNA with 
TRIzol (Ambion), then column purifying with RNeasy (Qiagen). Purified RNA was treated with 
Turbo DNase (Ambion) as per the manufacturer’s instructions, quantified, and checked for 
purity with a NanoDrop 2000 (NanoDrop Technologies, Wilmington, DE) before storage at 
-80℃. 
Total mRNA was sent to the Hubbard Center for Genome Studies (HCGS; University of 
New Hampshire, Durham, NH) and checked for quality and quantity with an Agilent 2100 
Bioanalyzer (Agilent technologies, Santa Clara, CA). An Illumina compatible library was 
constructed using an Illumina TruSeq RNA Prep Kit V2 with index Set A (RS-122-2101), 
following the low sample input protocol (Part #15026495 Rev. F). Briefly, 1 μg of total mRNA 
was used as initial input; mRNA was then purified, fragmented, and primed with random 
hexameres using poly-T oligo attached magnetic beads. cDNA was reverse-transcribed with 
SuperScript II Reverse Transcriptase, 3’ adenylated, ligated with RNA adapter indices, and 
PCR-enriched. Finally, the cDNA library was checked for quality with an Agilent 2100 
Bioanalyzer, and normalized to 10 nM prior to sequencing.
Illumina sequencing and de-novo assembly
The cDNA library was sequenced on an Illumina HiSeq2500 (Illumina, San Diego, CA) at 
HCGS. Resulting paired reads were assembled into contigs via the de-novo assembly option 
(Fig. 3.1 a) in CLC Genomics WorkBench v.6.0.4 (CLCBio, Boston, MA) with scaffolding 
enabled, a minimum contig length of 200bp, and automatic word and bubble sizes of 24 and 50, 
respectively.
Assembly annotation workflows
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Assembly annotations were completed via two workflows. Our gene-specific workflow (Fig. 3.1 
b) mined our transcriptome for specific segmentation, Hox, appendage patterning, and signaling 
pathway genes of interest by querying all contigs (n = 93,561, Table 3.1) with published D. 
melanogaster protein homologs via BLASTn. CLC Genomics WorkBench was used to identify 
open reading frames (ORFs) within contigs that met an e-value threshold of 1e-20 or less. These 
ORFs were reciprocally blasted against all NCBI non-redundant protein sequences via BLASTx 
and sorted according to e-value to confirm homologous sequence identity. Once putative 
sequences for genes of interest were identified, conserved domains and motifs were annotated 
with Genomic SMART v.8.0 (Schultz, 1998; Letunic, 2014). 
For our GO annotation workflow (Fig. 2.1c), BLAST2GO v.3.0.9 (Conesa et al., 2005) 
was used to blast all contigs with > 99 reads (n = 37,023, Table 2.1) against the NCBI non-
redundant database via BLASTx, with an e-value cutoff of 1e-10. GO term retrieval and 
assignment were both done using BLAST2GO’s default settings for mapping and annotation. 
InterProScan with default settings was run on all 37,023 contigs to identify domains and motifs; 
associated GO terms were then merged with the previous GO annotations.
Protein alignments and percent identity
Multiple-sequence alignments with putative H. limbata protein sequences and published NCBI 
arthropod homologs were completed via MAFFT v.7.293 using the L-INS-i algorithm. SMART 
identified domains and motifs were then annotated onto the alignments in CLC Genomics 
Workbench. Percent identities (PID) were compiled via alignment pairwise comparisons in CLC 
Genomics Workbench. 
3.3. Results
De-novo sequencing assembly quality and coverage 
Illumina sequencing of the first instar cDNA library produced 10,646,682,632bp compiled into 
70,507,832 paired reads (Table 2.1). Of these, 52,275,062 were used to assemble 93,561 contigs 
(49,665,665bp total), with an N50 scaffold value of 587bp, a mean contig length of 531bp, and 
a maximum contig length of 22,280. The average coverage was ≥ 10X for 60,861 contigs 
(65.05%), while 37,023 of our contigs (40.6%) had > than 99 reads. Of the contigs with > 99 
reads, 99.83% had an average coverage of ≥ 10X, and 36,677 (99.1%) have at least 30X average 
coverage. For the 78 contigs of developmental and cell-signaling genes identified in this study 
(Table 2.2, A1), average coverage values ranged from 3.11X to 990.05X, with 74 contigs (95%) 
≥ 10X and 56 contigs (70%) ≥ 30X. All contigs except for those containing the Dfd and Hb 
sequences had greater than 99 reads per contig, and thus are also included in the > 99 reads 
BLAST2GO contig dataset. 
Gene-specific contig annotation
A total of 89 developmental and cell signaling genes were investigated for this study, of which 
53 genes entailing 78 putative coding sequences were identified via reciprocal BLASTx. Most 
of the top two reciprocal BLASTx hits returned for insects, particularly Hymenoptera, 
Blattodea, and Coleoptera (Fig. 3.2). The 78 putative coding sequences were sorted into 
segmentation (n = 26), Hox (n = 6), appendage patterning (n = 15), and cell signaling (n = 41) 
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gene categories, with ten sequences sorted into both the segmentation and cell signaling groups. 
The 36 genes that were not identified in our study are listed in A2.1. Note that sequences 
identifying with the same gene are referenced in text as the gene name + the number of 
nucleotides (e.g., Vas-705). The number of nucleotides per sequence is listed in Table 3.2 and 
A3.1.
The 26 identified segmentation sequences are grouped according to the segmentation 
hierarchy categories of maternal effect (Exu, Vas, stau), gap (Hb, Kni, kr, tll, ems, Otx), pair rule 
(h, eve, slp2), and segment polarity (arm, hh, ci, ptc, en, pan, Fu, gsb, wg) genes, with two 
coding sequences identified for Vas, stau, h, ptc, and en. Of the 26 sequences, eight (31%) were 
complete protein coding sequences, while the rest were partial (Table 3.2). The top two 
reciprocal BLASTx hits for all segmentation sequences are reported in Table 3.3. We found that 
88% of the top two hits returned insect sequences, of which 59% were either hymenopteran or 
isopteran. Vas-705, Hb, tll, and Otx returned the six BLASTx hits to non-insect taxa, which 
were equally split between Crustacea/Myriapoda and Annelida/Cnidaria. Most hits (79%) were 
for the identified gene name. Four sequences (Kr, Otx, slp2, and Fu) each returned one hit for 
genes sharing conserved elements, such as the homeobox in Kr, while three sequences (Otx, hh, 
and en-387) each returned a hypothetical or otherwise ambiguous hit. BLASTx hits to non-
homologous sequences occurred only for h-984 and gsb. In the case of gsb, note that additional 
BLASTx hits with significant e-values were largely for ambiguous sequences, (data not shown) 
and protein alignments (A. 24; data not shown) suggest a gsb or possibly paired identity. E-
values for segmentation sequence BLASTx hits ranged from 1.05E-22 to 0.00.
We identified six (Lab, Prb, Dfd, Antp, AbdA, AbdB) of the canonical ten Hox genes. 
Reciprocal BLASTx was unable to identify any putative homologs for the Hox genes Hox3/zen, 
Sex combs reduced (Scr), fushi tarazu (ftz), and Ubx. Of the identified six, Dfd, Antp, AbdA, and 
AbdB are full protein coding sequences, while Lab and prb are partial (Table 3.2). Table 3.3 
provides the top two reciprocal BLASTx hits for the Hox sequences. All top hits were for the 
identified genes except for one Antp hit, which only identified as a “homeotic protein.” 83% of 
all top hits were for insect sequences, 50% of which derived from Coleoptera. AbdB reciprocal 
BLASTx returned the only non-insect hits, which were instead myriapod and crustacean in 
origin. Top Hox reciprocal BLASTx hit e-values ranged from 4.70E-28 to 6.13E-64.
Ten genes associated with appendage patterning (Dll, exd, dac, dpp, Egfr, hth, nub, tsh, 
al, bab) were also identified, with three coding sequences identified for exd and dac, and two in 
al, for a total of 15 appendage patterning sequences. Of these, Dll, nub, dpp, al-1314, and bab 
were full protein coding sequences (Table 3.2). The top two reciprocal BLASTx hits for 
appendage patterning sequences are reported in Table 3.3. All hits returned for insect sequences, 
with 30% derived from Hymenoptera. Twenty-four of these hits (80%) returned for the 
identified genes; three hits (one from dac-1116 and both from al-555) returned for ambiguous 
sequences, while al-1314 had one hit for a possible al family related sequence. For al-555, 
putative identity was assessed via additional BLASTx hits (data not shown) and alignment with 
al-1314 and homologs (A. 40). Only in the case of tsh, bab, and al-1314 did a top hit return for 
a non-homologous gene. Top appendage patterning reciprocal BLASTx hit e-values ranged 
from 1.01E-30 to 0.00.
Our investigation of developmental cell-signaling networks identified 24 genes in the 
Wnt (wg, arm, dsh, fz, sgg, arr, Axn, Apc, pan), Hedgehog (hh, ci, fu, ptc, smo, slmb, CBP), and 
Notch (fng, H, h, mib1, mib2, Su(H), Ser, sno) signaling pathways, including eight putative 
sequences for fz, two for Axn, Apc, ptc, and h, and three for slmb, mib1, and sno. This resulted in 
a total of 41 cell signaling sequences, of which twelve were full protein coding sequences (A 
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3.1). The top two reciprocal BLASTx hits for all cell signaling sequences are reported in A 3.2. 
The vast majority (91%) of the top two hits were insect sequences, with 64% of those hits split 
between Blattodea and Hymenoptera. The non-insect hits derived from crustacean and 
chelicerate arthropod lineages except for slmb-420, which returned two chordata sequences as 
its top hits. Gene homologs comprised 77% of the top hits, while 17% returned as ambiguous 
sequences and 14.6% as likely gene-family related sequences. Only h-984 returned a BLASTx 
hit that was for a non-homologous gene. The e-value range for cell signaling BLASTx hits was 
3.36E-35 to 0.00.
Putative protein alignments and percent identity
For the segmentation genes, two coding sequences were identified for Vas, stau, h, ptc, and en. 
The overlap between the Vas, h, and en sequence pairs is extensive and largely non-identical (A. 
4.2, 4.10, 4.17), even within conserved functional domains. Conversely, the Stau, and ptc 
sequence pairs are contiguous; the brief amino acid overlap between stau-1041 and stau-1416 is 
largely non-identical (A. 4.3), while the overlap between Ptc-1395 and ptc-2769, differs only by 
one residue (A. 4.16). In regard to PID values for the 26 putative segmentation sequences, 
65.38% had the highest PID with insect homologs (Table 3.4, A 4.1-21). The sequence with the 
lowest mean identity per alignment was Vas-705 at 11.99%, while the the highest mean identity 
was arm at 68.31%. The mean identity of Vas-705 is lower than the longer sequence Vas-1587, a 
relationship seen in other H. limbata genes (stau, h, ptc, and en) with multiple identified 
sequences (Table 3.2; Table 3.4). In terms of conserved annotations, the segmentation sequences 
generally contain the same domains and motifs as most of the aligned arthropod homologs. 
Some deviations from this include the Vas and kr (A 4.2, A 4.6) sequences, which bear the same 
domains as the insect homologs but differed from the myriapod and arachnid homologs, and the 
tll (A 4.7) sequence, which contained a hormone receptor domain more closely matching the 
myriapod homolog. Of the 26 segmentation sequences, ten are duplicate pairs for the genes Vas, 
stau, h, ptc, and en. Of these, the two stau and ptc sequences (A. 4.3, A. 4.16) are different 
regions of the protein, while the Vas, h, and en sequence pairs are fragments of the same region 
(A. 4.2, A. 4.10, and A. 4.17).
 For the six putative Hox sequences identified, the top PID values were most frequently 
from insect (50%) and crustacean (33%) homologs (Table 2.4, A. 4.22-27). When considering 
PID in regard to the Hox genes, mean PID for each alignment showed that Prb had the lowest 
overall identity (Table 2.4, A. 4.23) and AbdA the highest (Table 2.4, A. 4.26). More broadly, 
mean PID was higher amongst the full sequences Antp (A. 4.25), AbdA, and AbdB (A. 4.27) 
than the partial sequences Lab (A. 4.22), Prb, and Dfd (A. 4.24) (Table 2.4). The domains and 
motifs identified in the six H. limbata Hox sequences were also well conserved with those of 
other insect homologs:  Lb, Pb, Dfd, Antp, and AbdA all contained the expected homeobox 
domain and YPWM motif, AbdA contained the UbdA peptide and insect-specific TDWM 
sequence, and AbdB contained only the expected homeobox. 
For the appendage patterning genes, the three sequences found for both dac and exd are 
clearly contiguous (A 4.29, A 4.30) with all overlapping residues identical except for one amino 
acid in exd. For al, the two identified sequences overlap extensively (A 4.36) and are largely 
non-identical. Of the 15 total appendage patterning sequences, 60% had top PID values with 
insect homologs (Table 2.4, A. 4.28-37). On a per alignment basis, Egfr had the highest mean 
PID at 52.87% (Table 2.4, A. 4.32), while al-555 had the least at 13.34% (Table 2.4, A. 4.36). 
As with other developmental genes with multiple sequences, al-555 and the shorter copies of 
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exd (A. 4.29) and dac (A. 4.30) are generally lower in mean PID than longer copies (Table 2.4). 
The one exception is exd-453, which has a notably higher mean PID than the other exd copies. 
The domains and motifs present in H. limbata appendage patterning sequences match what is 
seen in most arthropod homologs, with nub matching the annotation profile of insect homologs 
only (A. 4.34). The multiple sequences (Table 2.1) identified for the H. limbata genes exd, dac, 
and al fall into two categories, with the three exd and three dac sequences both providing 
different regions of the protein, while the two al (A. 4.36) sequences provide different versions 
of the same region. Note that al-555 is missing a OAR domain, which is normally found in al 
homologs. Hence, the identity of al-555 is tentative.
The cell signaling sequences provided the largest sample of multiple sequences per 
gene; aside from the four ptc and h sequences described earlier, six cell signaling genes returned 
a total of 21 sequences, with the greatest number belonging to fz. Of the eight identified 
sequences for fz, fz-1824 and fz-1947 appear to be large, non-identical paralogs, while the other 
six fz sequences are also non-identical but mostly comprise only the single Frizzled domain (A. 
4.39). For the three sno sequences, sno-648 is contiguous and 100% identical in its overlap with 
the C-terminus end of sno-2979, while sno-303 lies largely within a single Helicase C4 domain 
in sno-2979 (A. 4.53). The same situation appears in mib1, with mib1-600 likely a non-
contiguous C-terminus sequence for mib1-2280, and mib1-306 entirely comprised of a single 
conserved region (A. 4.49). The sequence pairs for Axn, Apc, and especially slmb are mostly 
contiguous, but also feature short sequence fragments that overlap and vary in their percent 
identity. The highest PID scores for 80% of H. limbata cell signaling sequences were from 
insect homologs (A. 3.3; A. 4.38-53). Of the cell signaling sequences, sgg had the highest mean 
PID (A. 4.40), while sno-303 had the least (A. 4.53). As with the putative developmental genes, 
lower PID for cell signaling sequences was usually associated with the shorter transcripts of 
genes with multiple sequences (A. 3.1, A. 3.3),which includes fz (A. 4.39), Axn (A. 4.42), Apc 
(A. 4.43), ptc (A. 4.16), slmb (A. 4.45), h (A. 4.10), mib1 (A. 4.49), and sno (A. 4.53). Notably, 
this was not the case with Apc-1506 and several shorter fz sequences, which had higher mean 
PID. Of the multiple sequences identified in cell signaling genes, most provided different 
sections of the coding region; sequences providing copies of the same coding region included 
fz-1824, h-357, mib1-306, and sno-303. 
GO term contig annotations
Of the 37,023 contigs used as input for BLAST2GO annotations, 15,440 returned BLASTx hits 
against NCBI, with 13,400 and 9,813 of these successfully undergoing GO mapping and GO 
annotation, respectively. For the 9,813 fully annotated contigs, BLASTx e-values ranged from 
0.00 to 9.35E-11, with a median value of 6.98E-69. The top BLASTx hits for these contigs were 
largely insect sequences (87.0%, Fig. 3.3), with Blattodea (31.9%) and Hymenoptera (23.8%) 
providing a majority of the hits. These high percentages can largely be attributed to hits derived 
from the termite Zootermopsis nevadensis and several hymenopteran species (Fig. 3.3, c). The 
relatively few non-insect hits varied across multiple phyla, but the most frequent were 
invertebrates of both Arthropoda and Lophotrochazoa, while the single most prevalent source of 
non-insect hits came from the Deuterostomia, particularly Chordata.  
Figure 3.4 shows the distribution of the top 20 level 2 GO terms containing ten or more 
contigs. The Molecular Function category showed the least amount of diversity; while it 
contained 11 GO terms, most of them included < 10% of the annotated contigs. Two notable 
exceptions were the Catalytic Activity and Binding terms, which were associated with 49.6% 
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and 49.2% of the contigs, respectively. The other two major GO categories showed a broader 
GO term distribution, with 16 Cellular Component terms (seven containing > 10% of the 
contigs) and 20 Biological Process terms (nine at > 10% of contigs). In the Cellular Component 
category, both Cell and Cell Part GO terms were found in over 40% of all contigs. For the 
Biological Process category, the Metabolic Process and Cellular Process GO terms were by far 
the most prevalent, each found in over 50% of all annotated contigs. The Biological Process 
category also includes 841 contigs identified as relevant to Developmental Processes.
3.4. Discussion
Identification of putative developmental and cell-signaling protein-coding sequences in H. 
limbata 
Reciprocal BLASTx analyses identified a total of 78 putative coding sequences for 53 protein 
coding genes, sorted into either the developmental categories of Segmentation Genes (Exu, Vas, 
stau, Hb, Kni, kr, tll, ems, Otx, h, eve, slp2, arm, hh, ci, ptc, en, pan, fu, gsb and wg), Hox genes 
(Lab, Prb, Dfd, Antp, AbdA, AbdB), and Appendage Patterning genes (Dll, exd, dac, dpp, Egfr, 
hth, nub, tsh, al, bab), or the Cell-signaling Pathway category (wg, arm, dsh, fz, sgg, arr, Axn, 
Apc, pan, hh, ci, fu, fng, H, h, mib1, mib2, Su(H), Ser, sno). The developmental genes can be 
organized according to their known ontogenic roles, resulting in a sequential segmentation 
hierarchy of maternal effect, gap, pair rule, segment polarity, and Hox genes (Nüsslein-Volhard 
& Wieschaus, 1980), followed by the appendage patterning genes (Angelini and Kaufman, 
2005). Since our dataset is exclusively from first instar nymphs, this ontogenic organization may 
explain why only 16% of investigated maternal effect genes were identified; however, it is also 
compelling that the maternal effect genes Exu, Vas, and stau were found in a post-embryonic 
stage of development, indicating that they play long-lasting roles during early H. limbata 
ontogeny. Sequences that primarily affect later embryogenesis and appendage development 
were more frequently identified. The variable importance of different gene groups during 
distinct stages of ontogeny can also explain why cell signaling genes were the most frequently 
identified. The Wnt, Hh, and Notch cell signaling pathways play critical and wide ranging roles 
during development (reviewed in Logan and Nusse, 2004; Jiang and Hui, 2008; and Lai, 2004, 
respectively), making it probable that their transcripts are more numerous in any given stage, 
including our first instar transcriptome. However, it is interesting that several core components 
of the Notch signaling pathway were not identified; whether this is due to lower Notch signaling 
at the first instar stage, changes in H. limbata homolog sequences, or a methodological issue 
with sequence identification, remains unclear. It is also worth considering that our GO 
annotation workflow labeled 841 of the 37,023 contig dataset specifically as sequences relevant 
to developmental processes (Fig. 3.4); while many of these are likely multiple sequences of the 
same gene, as exemplified by the eight identified sequences for fz, there remains the possibility 
that BLAST results and alignments focused on these 841 contigs could identify additional or 
missing developmental genes of interest. The same can also be said for the 996 contigs 
associated with the Signaling GO term. 
We were unable to identify four of the canonical ten Hox genes (Scr, Hox3/zen, ftz, and 
Ubx). Of these, Hox3 and ftz transcripts are largely unidentified in early diverging insect taxa 
(Hughes and Kaufman, 2002a; Schmidt-Ott et al., 2010). However, a few studies have obtained 
sequence data for Hox3 and fz in Collembola and a few apterygote species (Hughes et al., 2004; 
Panfilio & Akam, 2007; Hadrys et al., 2012), so the absence of Hox3 and fz in our H. limbata 
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transcriptome is probably not due to any direct loss of these genes from the mayfly genome. 
One possibility is that these Hox genes are simply not expressed at sufficient levels to be 
detected in a first instar transcriptome. Another possibility is that mayfly Hox3 and fz sequences 
differ notably from homologs in other species, making them difficult to sequence via degenerate 
primers; such could explain why these genes remain unidentified in mayflies, while Hox3 was 
identified in the closely related Odonata (Hadrys et al., 2012). While it is unclear why Scr was 
not identified, it is worth noting that identification of all anterior Hox genes was more difficult 
than the posterior Hox genes: only partial sequences for lab and pb could be identified, and Dfd 
does not fit the > 99 reads nor 10X average coverage criteria. If the Hox genes are playing a role 
in abdominal gill development, a possible hypothesis is that the simultaneous development of 
gills throughout the abdomen of second instar nymphs requires the influence of posterior Hox 
transcripts, while the growth of already developed appendages in the anterior does not require 
anterior Hox transcripts. The most surprising Hox finding was the complete absence of any Ubx 
transcripts, despite the presence of AbdA. Arthropod Ubx and AbdA have been extensively 
studied, and are consistently expressed simultaneously during embryogenesis (Averof and Patel, 
1997; Palopoli and Patel, 1998; Lewis, DeCamillis, and Bennett, 2000; Mahfooz, Li, and 
Popadic, 2004; Zhang et al., 2005; Khadjeh et al., 2012). Furthermore, Immunostaining for Ubx/
AbdA proteins in late stage H. limbata embryos shows thoracic and abdominal staining patterns 
consistent with Ubx and AbdA presence (Fig. 2.5). Both Ubx and AbdA sequences have also 
been identified in other mayfly species (Hadrys et al., 2012), confirming that homologous 
sequences for both genes should be identifiable. Together, these data suggest that either 1) Ubx 
transcripts decline rapidly after the late EGB embryonic stage and may only exist in very low 
amounts during the first instar, or 2) Ubx nucleotide sequences are in some way notably 
different in H. limbata (and perhaps other early diverging insect taxa), and thus are not readily 
detectable via traditional BLAST-based methods. It is also important to note that our reciprocal 
BLASTx analysis relies upon data in the NCBI non-redundant protein database. As the 
sequences in this database are heavily biased toward model organisms, it is possible that genes 
like Ubx remain unidentified because sufficiently similar homologs were not available for 
comparison. This bias is also relevant to Fig. 4, as taxa that may have been more similar to H. 
limbata may not be represented due to insufficient sequence data in the NCBI database. Such 
factors further illustrate why sequencing data from understudied taxa are crucial to improve the 
rigor and accuracy of future bioinformatic studies.
Conservation of putative H. limbata developmental and cell signaling genes 
In addition to the presence of conserved functional domains and motifs, PID provides further 
evidence that the identified H. limbata genes are well conserved amongst insects, and has been 
used for this purpose in a number of bioinformatic studies (for example, Chesmore et al., 2016). 
The vast majority of aligned H. limbata proteins in both the developmental and cell 
signrtheraling categories had the highest PID values with their insect homologs, as we would 
expect for well conserved sequences. While top insect PID’s were often associated with 
holometabolous species like T. castaneum, no top PID values were associated with D. 
melanogaster homologs, as also seen in our BLASTx results. D. melanogaster is also absent 
from BLAST results in other non-dipteran transcriptomes (for example, Hull et al., 2013), 
providing clear evidence that while D. melanogaster is an extensively sequenced model 
organism, it faces limitations when its sequences are used for homolog identification in distantly 
related insects, illustrating the need for a diverse bioinformatic database. 
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It is important to note that while PID is easy to calculate and obtain via proprietary 
(CLC Genomics Workbench) and free (SIAS, http://imed.med.ucm.es/Tools/sias_help.html#sql) 
programs, its superficial simplicity hides factors that require precaution when using PID as a 
metric for assessing sequence alignments and potential homology. Although it is rarely reported, 
PID can be calculated in a number of ways (Fig. 3.5). These different PID calculation methods 
can generate notably different PID values for the same dataset, and produce even greater 
variability if different alignment programs are taken into account (Raghava and Barton, 2006). 
Hence PID should be used with caution, and with consideration of less variable alternatives 
such as Z-scores (Raghava and Barton, 2006). While z-scores are relatively simple to calculate 
and can be computed automatically by free programs such as PRSS (https://embnet.vital-it.ch/
software/PRSS_form.html), the greater efficiency of PID must also be considered. Unlike PID, 
Z-scores are computed via pairwise alignments, and would thus would require an extensive 
amount of additional computing for the multiple sequence alignments made in this study. 
Despite these concerns, the combination of BLASTx hits, sequence annotations, and subsequent 
PID analyses collectively provide a strong argument that the identified H. limbata 
developmental and cell signaling sequences are highly conserved with insect homologs. 
Evaluating transcriptomic metrics and the H. limbata de novo assembly
While transcriptome assemblies have been increasingly produced in the literature, there remain 
a wide array of potential assembly methods and a correspondingly wide array of possible 
methods to assess their quality, including basic assembly statistics, annotation methods, and 
assessment programs (Martin & Wang, 2011; O’Neil & Emrich, 2013; Smith-Unna et al., 2016). 
Different metrics can thus be arguably better for assessing different transcriptome assemblies 
and purposes. Considering both computational efficiency and effectiveness, we selected mean 
contig length, average coverage, and GO term annotation profiles as suitable metrics for 
assessing our H. limbata de novo transcriptome. 
Contig length is the simplest metric, with 100-300bp sufficient for good-quality 
mapping (Gibbons et al., 2009; Feldmeyer, et al., 2011). This is notably less than our mean 
contig length of 531bp, indicating that our transcriptomic assembly is comprised of well-
constructed contigs. 
Average coverage is a widely used metric that positively correlates with contig length 
(Feldmeyer, et al., 2011) implying that a higher average coverage value denotes better 
transcriptomic quality. However, what minimum value is sufficient for good average coverage is 
debatable. For example, criteria of 5X (Pallavicini et al., 2013), > 5X (Gerdol et al., 2014), 
6.5X, with full gene assembly at > 10X (Vera et al., 2008), and 10X (O’Neil et al., 2010; 
Biscotti et al., 2016) have all been cited in different studies. Furthermore, average coverage 
criteria often varies with assembly methodology or research purpose. Martin and Wang (2011) 
stated that transcriptomes assembled via  reference genome should have average coverage of ≥ 
10X, while de novo assemblies require at least 30X coverage. Conversely, transcriptomic 
databases used for establishing reference sequences should have an average coverage of at least 
25X (Gerdol et al., 2014). These widely differing standards make average coverage a 
complicated metric to interpret, but they clearly require an explicit understanding of both the 
assembly method (reference genome or de novo), and specific sequencing goals. In our dataset, 
65% of contigs have ≥ 10X average coverage, while our research goal was to identify putative, 
full length protein coding sequences. When taking a conservative estimate, expecting an 
average coverage of at least 10X for high-quality contigs in our H. limbata transcriptome 
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appears reasonable, meets or exceeds the standards used in numerous transcriptomic studies, 
and provides a reduced but still sizable high quality dataset. 
 Our final applied metric was Gene Ontology (GO) term profile comparisons between 
H. limbata and other insects. GO term data is a powerful resource for annotating sequences 
(Gene Ontology Consortium, 2004) and has been commonly used in a number of studies to 
assess and compare the overall profile of transcriptomic data (O’Neil et al., 2010; Ewen-
Campen et al., 2011; Zhu et al., 2012). There are some limiting factors with GO term profile 
comparisons. First, GO profile analysis via BLASTx is computationally intensive, so a smaller 
contig database that maintains high contig quality is desirable. To meet this objective we filtered 
out all contigs with < 100 reads per contig. This resulted in a concise, filtered dataset which 
maintained a ≥ 10X average coverage criteria for nearly all contigs, and largely surpassed even 
highly conservative coverage requirements (such as 30X) for identifying putative coding 
sequences. However, such extensive filtering can remove potentially fruitful sequence data (see 
Table 2.2 for sequences with < 99 reads per contig). The second factor to bear in mind is how 
the relevancy of GO term profile comparisons can change with highly variable factors, such as 
the input sequence data (genomic, whole-body or region-specific transcriptomic, assembly 
methodology, etc.), the program and metrics used for GO term mapping and annotation, and the 
approach for reporting GO term data and categories. Third, it is crucial to be aware of database 
bias. As noted for our reciprocal BLASTx results, BLAST2GO Blastx results (Fig. 2.3) and the 
derived GO terms (Fig. 2.4) are based upon what species are available in the NCBI non-
redundant database. Thus, the species and associated GO terms we see are heavily biased in 
favor of model organisms well represented in the NCBI database, and likely do not represent 
what sequences would identify as top hits if a broader phylogenetic sample was available. 
While these limitations are important, our filtered H. limbata dataset GO term profile 
does resemble general trends seen in a number of other insect BLAST2GO profiles. In the 
Biological Process category, transcriptomic datasets for whole body, adult insects tend to be 
dominated by at least the Cellular Processes term (Bai et al., 2011), and more frequently by both 
the Metabolic and Cellular Processes terms (Hsu et al., 2012; Hull et al., 2013). This pattern was 
also seen in larval, tissue-specific datasets (Mittapalli et al., 2010). The Molecular Function and 
Cellular Component GO categories for H. limbata show similar trends, in which one or two 
specific terms heavily populate the dataset. The Binding and Catalytic terms are very frequent in 
the Molecular Function category, while cell-related terms (such as Cell and Cell Part) are the 
most commonly seen for the Cellular Component Category. When looked at as a collective 
whole, these studies indicate that our assembly represents a broad sampling of available H. 
limbata transcripts during the first instar stage.
The above metrics represent a rigorous and effective method for assessing overall 
transcriptomic and contig quality; however, it is important to note that a variety of additional 
metrics are well established in the literature (Table 2.5), and that de novo transcriptomes of non-
model organisms face a disadvantage in using them. For example, some metrics require 
expressed transcripts (Martin and Wang, 2011) or a reference genome (Martin et al., 2010), 
which are often unavailable for new model organisms like H. limbata. Other metrics are more 
readily used for de novo assessments of transcriptomic quality; for example, Vera et al. (2008) 
assessed full-sequence assembly by comparing the length of top BLAST hit proteins to that of 
their query sequences, while O’Neil et al. (2010) provided a more conservative estimate by 
focusing exclusively upon translated regions in their Ortholog Hit Ratio method. Such 
approaches have been subsequently used in a number of transcriptomic analyses (Ewen-
Campen, 2011; Galarza et al., 2017; Carlson & Hedin, 2017), but they rely upon an implicit 
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assumption that the top BLAST hit sequence sufficiently represents the organism being 
investigated. A similar assumption is made when comparing transcriptomic GO term profiles, as 
done in this study. While this assumption is sensible if the species under investigation is closely 
related to the top hit species, the reliability of such methods becomes questionable the more 
taxonomically distant they become. Thus, to improve the variety and accuracy of assessment 
metrics available to de novo transcriptomes of non-model organisms, additional annotated 
genomic and transcriptomic data across a broad taxonomic spectrum are crucial.  
Implications and future directions
A number of holometabolous insects, such as D. melanogaster and T. castaneum, have been 
immensely useful as model organisms for advancing our understanding of developmental 
mechanisms and evolutionary patterns. While studies of new model insects in recent years have 
helped improve this knowledge, there remain many understudied non-holometabolous insects, 
such as mayflies. Mayfly sequence data have been frequently used to clarify taxonomic 
relationships, investigate their long-debated phylogenetic position, and conduct genetic studies 
at the population level (Monaghan and Sartori, 2009). However, beyond gene-specific studies 
like O’Donnell and Jockusch (2010) or Niwa et al. (2010), genomic or transcriptomic mayfly 
studies with an evo devo perspective are scarce, with the recent transcriptomic work of Si et al. 
(2017) on Cloeon viridulum metamorphosis providing one of the only examples. Hence, by 
providing additional mayfly transcriptomic data with a focus on developmentally important 
genes, this study helps address core evo devo questions like how changes at the genetic level 
can help create novel morphological change during development. Sequence identification and 
comparison with known homologs is a powerful tool for investigating this question; such 
sequence differences can indicate extensive evolutionary change at the functional level, as 
classically illustrated by the loss of YPWM motifs in insect Hox3 and ftz genes, and thus their 
loss of homeotic function (Schmidt-Ott et al., 2010; Panfilio & Akam, 2007; Löhr et al., 2001). 
Our study revealed an extensive amount of sequence conservation between putative mayfly 
sequences and their related insect homologs in both the developmental and cell signaling gene 
categories, suggesting that instead of a dramatic change in sequence (such as the loss or gain of 
functional domains and motifs), the unique appendages of mayflies may develop from temporal, 
quantitative, or spatial changes in gene expression, or specific mutations that modify gene 
function. Changes in gene expression or function are often closely integrated, and have been a 
powerful force for evolutionary change. This is most apparent when considering taxonomically 
distant arthropods; for example, the functional role of Antp in the spider Achaearanea 
tepidariorum evolved to inhibit the growth of legs in the opithosoma (Khadjeh et al., 2012), 
rather than enable leg development as in D. melanogaster. Several examples can also be found 
within the more closely related hexapods. Among the most distinct in this regard is the role of 
Ubx and AbdA, which suppress abdominal appendage development in D. melanogaster (Vachon 
et al., 1992). Yet RNAi of Ubx and AbdA in springtails (Collembola; Konopova & Akam, 2014), 
revealed that independent and overlapping expression patterns of Ubx and AbdA are necessary 
to developing the three unique types of collembolan abdominal appendages, indicating a unique 
role in collembolans for both Ubx/AbdA expression and function.
Despite their clear importance, investigating changes in gene expression and function is 
challenging for understudied organisms due to cost and insufficient sequence data. However, 
our annotation of key H. limbata developmental protein coding sequences provides a starting 
point for developing molecular probes for techniques like RNAi, CRISPR, and in situ 
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hybridization. By providing a basis for such research, this study serves as both a source for 
sequence data from an understudied insect taxa, and as a starting point for gene expression and 
function studies in H. limbata. Furthermore, the wealth of transcriptomic data obtained can also 
provide previously unavailable sequence data for phylogrenetic studies. Collectively, these 
research opportunities can reveal the novel ways in which developmentally important genes 
evolved over phylogenetic history, and thus how they craft novel evolutionary forms during 
ontogeny.
FIGURES
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Figure 3.1: Flowchart of the de novo transcriptomic processes used in this study, comprising 
assembly workflow analyses, and downstream applications. (a) The de-novo transcriptomic 
assembly process comprised nymphal cDNA sequencing and de-novo assembly of the paired 
reads. (b) Our gene-specific annotation workflow queried the H. limbata transcriptome with D. 
melanogaster protein homologs of key developmental genes in order to identify contigs of 
interest. ORFs were then identified in these contigs, underwent reciprocal BLASTx to check 
their identity, then annotated for functional domains and motifs with SMART. (c) The GO term 
annotation workflow used BLAST2GO’s annotation and InterPro scan downstream analyses and 
applications for annotated contig data. (d) Annotated transcriptomic data can be used in multiple 
downstream applications, including protein alignments and as a template for expression or 
functional studies.
Figure. 1: Flowchart of the de novo transcriptomic processes used in this study, comprising assembly workflow analyses, and downstream applications. (a) The de-novo transcriptomic assembly process comprised nymphal 
cDNA sequencing and de-novo assembly of the paired reads. (b) Our gene-specific annotation workflow queried the H. limbata transcriptome with D. melanogaster protein homologs of key developmental genes in order to 
identify contigs of interest. ORFs were then identified in these contigs, underwent reciprocal BLASTx to check their identity, then annotated for functional domains and motifs with SMART. (c) The GO term annotation 
workflow used BLAST2GO’s annotation and InterPro scan downstream analyses and applications for annotated contig data. (d) Annotated transcriptomic data can be used in multiple downstream applications, including 
protein alignments and as a template for expression or functional studies.
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Figure 3.4: Combined BLAST2GO and Interpro GO annotations for the 37,023 filtered contig 
dataset from the H. limbata transcriptome, showing the number of filtered contigs with Level 
2 GO terms among the Level 1 Cellular Component, Biological Process, and Molecular 
Function GO categories.
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Figure 3.5: PID calculation methods for a given alignment.
TABLES
Table 3.1: H. limbata first instar Transcriptome Assembly Statistics
                              # Identical Nucleotides / Amino Acids
      PID = 100 *                               X
Where X = 
Longest sequence length (SIAS)
Shortest sequence length (SIAS; Vogt and Argos, 1995; Raghava and Barton, 2006)
Mean sequence length (SIAS)
Alignment length (SIAS)
Aligned positions (CLC Genomics; Barton and Sternberg, 1987; Raghava and Barton, 2006)
Aligned positions + internal gap positions (Pearson, 1995; Raghava and Barton, 2006) 
Figure 11. PID calculation methods for a given alignment.
Criteria Transcripts
Total transcriptome size (bp) 10,646,682,632
Total number of reads 70,507,832
Mean read length 151
Number of matched reads 52,275,062
Number of unused reads 18,232,770
Number of contigs 93,561
Total contig size (bp) 49,665,665
Largest contig length (bp) with scaffold 22,280
Mean contig length (bp) with scaffold 531
N50 length (bp) with scaffold 587
Contigs with ≥ 10X average coverage 60,861
Contigs with > 99 reads 37,023
> 99 read contigs with > 10X average coverage 36,959
> 99 read contigs with > 30X average coverage 36,677
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Table 3.2: Contig summary metrics for forty-seven putative segmentation, Hox, and 
appendage patterning protein-coding sequences identified in the H. limbata nymphal 
transcriptome. Sequences in bold are included in major cell signaling pathways (Appendix 3).
*Multiple putative sequences were identified for these genes. When aligned to D. 
melanogaster protein homologs, they do not overlap with each other.
**When aligned to D. melanogaster homologs, overlapping amino acids for these sequences 
are not identical.
***When aligned to D. melanogaster homologs, overlapping amino acids for these sequences 
are 100% identical. 
H. limbata Coding Seq Contig # of 
Reads
Contig Ave. 
Coverage
Coding 
Seq. bp
D. melanogaster 
Query Seq. bp
FULL PROTEIN-CODING SEQUENCES
abdominal A (abd-A) 1067 41.74 939 990
Abdominal B (Abd-B) 670 66.52 1,146 1479
Antennapedia (Antp) 1007 82.93 1,023 1134
aristaless (al)** 210 18.16 1314 1224
armadillo (arm) 10801 468.29 2,205 2529
bric-a-brac (bab) 449 29.11 1890 3201
cubitus interruptus (ci) 491 68.36 966 4191
decapentaplegic (dpp) 1177 84.35 1200 1764
Deformed (Dfd) 55 6.78 603 1758
Distal-less (Dll) 1132 75.02 1128 981
engrailed (en) 340 25.17 1008 1656
gooseberry (gsb) 270 24.45 1353 1281
hedgehog (hh) 314 25.07 1296 1413
Kruppel (Kr) 2591 198.38 1518 1506
nubbin (nub) 393 50.70 1029 2883
orthodenticle/ocelliless 
(otd/otx/oc)
474 35.63 1035 1644
sloppy paired 2 (slp2) 805 58.17 1125 966
PARTIAL PROTEIN-CODING SEQUENCES
aristaless (al)** 63 11.13 555 1224
dachshund (dac)*** 879 77.62 1116 3243
dachshund (dac)** 659 87.42 837 3243
dachshund (dac)*** 336 78.60 561 3243
empty spiracles (ems) 180 23.96 711 1482
engrailed (en)** 426 94.49 387 1656
Epidermal growth factor 
(Egfr)
4475 142.89 4203 4278
even skipped (eve) 59 13.06 579 1128
extradenticle (exd)*** 683 160.08 555 1128
extradenticle (exd)*** 402 119.00 453 1128
extradenticle (exd)*** 593 108.71 438 1128
exuperantia (exu) 129 11.36 1299 1596
fused (fu) 382 53.77 951 2415
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Table 3.3: Top two BLASTx hits for putative H. limbata protein-coding sequences involved in 
segmentation, Hox, and appendage patterning pathways. Sequences in bold also appear in major 
cell signaling pathways (Appendix 3). 
hairy (h) 312 43.59 984 1011
hairy (h)** 820 232.52 357 1011
homothorax (hth) 3416 266.70 1023 1461
hunchback (hb) 95 10.48 1224 2274
knirps (kni) 477 59.65 957 1302
labial (lab) 164 12.33 1062 1887
pangolin (pan) 138 18.62 834 2253
proboscipedia (pb) 275 31.30 1185 2394
patched (ptc)** 1799 84.89 2769 3897
patched (ptc)** 731 55.60 1395 3897
staufen (stau)* 16958 990.05 1416 3048
staufen (stau)* 6141 667.63 1041 3048
tailless (tll) 39 5.70 912 1356
teashirt (tsh) 1542 78.26 2337 2862
vasa (vas) 315 21.99 1587 1983
vasa (vas)** 141 17.42 705 1983
wingless (wg) 627 60.60 1290 1404
Contig # of 
Reads
Contig Ave. 
Coverage
Coding 
Seq. bp
D. melanogaster 
Query Seq. bp
H. limbata Coding Seq
H. 
limbata 
Sequence
Top Reciprocal BLASTx hit
Species Description Version E-Value
SEGMENTATION
MATERNAL
Exu Zootermopsis 
nevadensis
Maternal protein exuperantia-1 KDR19637.1 1.47E-73
Cephus 
cinctus
PREDICTED: maternal protein 
exuperantia
XP_015598178.1 2.93E-68
Vas-1587 Gryllus 
bimaculatus
vasa BAG65665.1 0.00
Zootermopsis 
nevadensis
ATP-dependent RNA helicase vasa. KDR06558.1 0.00
Vas-705 Nanomia 
bijuga
vasa-2 AHI50305.1 2.74E-40
Tribolium 
castaneum
vasa RNA helicase AAW78361.1 2.64E-39
stau-1416 Zootermopsis 
nevadensis
Double-stranded RNA-binding protein 
Staufen-like protein 2
KDR18807.1 1.29E-128
Athalia rosae double-stranded RNA-binding protein 
Staufen homolog 2
XP_012254594.1 3.49E-101
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stau-1041 Zootermopsis 
nevadensis
double-stranded RNA-binding protein 
Staufen homolog 2 isoform X2
KDR18807.1 1.02E-69
Bombus 
terrestris
double-stranded RNA-binding protein 
Staufen isoform X2 homolog 2
XP_003398159.1 8.48E-69
GAP
Hb Oncopeltus 
fasciatus
hunchback AAR23151.1 1.77E-98
Artemia 
sinica
hunchback transcription factor ACQ99548.1 4.32E-97
Kni Oncopeltus 
fasciatus
knirps1, partial ADK63216.1 8.74E-23
Oncopeltus 
fasciatus
knirps2, partial ADK63217.1 1.05E-22
kr Nilaparvata 
lugens
Kr-h1 AHC57980.1 2.91E-133
Apis florea PREDICTED: zinc finger protein 813-
like
XP_003692418.1 2.96E-132
tll Daphnia 
pulex
tailless-like protein, partial EFX89201.1 7.66E-92
Glomeris 
marginata
tll, partial SAP35446.1 1.70E-90
ems Cimex 
lectularius
PREDICTED: homeotic protein empty 
spiracles-like isoform X2
XP_014241911.1 1.31E-67
Megachile 
rotundata
PREDICTED: homeobox protein 
EMX2-like, partial 
XP_012136350.1 7.03E-67
Otx Platynereis 
dumerilii
homeobox transcription factor, partial CAC19028.1 1.41E-32
Capitella 
teleta
hypothetical protein 
CAPTEDRAFT_165954
ELU13551.1 2.03E-32
PAIR RULE GENES
h-984 Zootermopsis 
nevadensis
Protein deadpan KDR07937.1 4.41E-81
Athalia rosae PREDICTED: protein hairy XP_012269110.1 1.65E-68
h-357 Athalia rosae protein hairy XP_012264893.1 3.80E-44
Fopius 
arisanus
PREDICTED: protein hairy XP_011314713.1 1.28E-43
eve Oncopeltus 
fasciatus
even-skipped protein AAW58076.1 4.15E-43
Zootermopsis 
nevadensis
Segmentation protein even-skipped KDR12055.1 5.93E-43
slp2 Zootermopsis 
nevadensis
Fork head domain transcription factor 
slp2
KDR14383.1 1.78E-75
Top Reciprocal BLASTx hit
Species Description Version E-Value
H. 
limbata 
Sequence
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Pediculus 
humanus 
corporis
Forkhead box protein E1, putative XP_002431509.1 1.09E-72
SEGMENT POLARITY
arm Harpegnatho
s saltator
PREDICTED: armadillo segment 
polarity protein isoform X2
XP_011154161.1 0.00
Acromyrmex 
echinatior
PREDICTED: armadillo segment 
polarity protein isoform X3
XP_011066873.1 0.00
hh Zootermopsis 
nevadensis
Sonic hedgehog protein, partial KDR14772.1 4.27E-154
Pediculus 
humanus 
corporis
hypothetical protein, conserved XP_002422829.1 2.21E-153
ci Tribolium 
castaneum
cubitus interruptus, partial ACN43335.1 1.2E-112
Zootermopsis 
nevadensis
Protein cubitus interruptus KDR19440.1 1.02E-110
ptc-2769 Harpegnatho
s saltator
Protein patched, partial EFN75077.1 0.00
Bombus 
impatiens
PREDICTED: protein patched isoform 
X2
XP_003492995.1 0.00
ptc-1395 Zootermopsis 
nevadensis
Protein patched, partial KDR08387.1 3.02E-168
Pediculus 
humanus 
corporis
patched 1, putative XP_002428547.1 3.15E-167
en-1008 Ephemera 
vulgata
engrailed-1, partial ABC59245.1 7.93E-28
Acromyrmex 
echinatior
Segmentation polarity homeobox 
protein engrailed 
EGI70495.1 1.07E-27
en-387 Schistocerca 
gregaria
engrailed-2, partial ABC59241.1 2.92E-41
Periplaneta 
americana
putative transcription factor CAB51044 3.67E-41
pan Tribolium 
castaneum
PREDICTED: pangolin isoform X5 XP_008191153.1 3.01E-115
Tribolium 
castaneum
PREDICTED: pangolin isoform X3 XP_008191151.1 8.52E-115
fu Zootermopsis 
nevadensis
Serine/threonine-protein kinase 36 KDR21916.1 1.76E-119
Bombus 
terrestris
PREDICTED: serine/threonine-protein 
kinase fused-like
XP_003400175.1 7.91E-118
Top Reciprocal BLASTx hit
Species Description Version E-Value
H. 
limbata 
Sequence
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gsb Acyrthosipho
n pisum
PREDICTED: protein gooseberry-
neuro-like, partial
XP_008186243.1 6.16E-144
Apis dorsata PREDICTED: segmentation protein 
paired-like isoform X1
XP_006610951.1 1.28E-140
wg Ephoron 
eophilum
wingless, partial BAI79510.1 0.00
Bombus 
terrestris
PREDICTED: protein Wnt-1 XP_003393164.1 0.00
Hox
Lab Tribolium 
castaneum
labial EEZ99257.1 4.27E-28
Tribolium 
castaneum
labial NP_001107762.1 4.70E-28
Prb Apis dorsata PREDICTED: homeotic protein 
proboscipedia-like, partial
XP_006611911.1 2.43E-50
Cerapachys 
biroi
Homeotic protein proboscipedia EZA52165.1 6.55E-49
Dfd Pediculus 
humanus 
corporis
Homeobox protein Hox-A4A, putative XP_002426652.1 6.13E-64
Tribolium 
castaneum
PREDICTED: transcription factor 
deformed isoform X1
XP_008201238.1 5.96E-63
Antp Schistocerca 
americana
homeotic protein AAB03236.1 2.81E-47
Acromyrmex 
echinatior
Homeotic protein antennapedia EGI64366.1 1.29E-46
AbdA Tribolium 
castaneum
homeobox protein abdominal-A 
homolog
NP_001034518.1 1.78E-59
Tribolium 
castaneum
PREDICTED: homeobox protein 
abdominal-A homolog isoform X1
XP_008201243.1 2.30E-59
AbdB Strigamia 
maritima
abdominal-B ABD16214.1 5.59E-57
Parhyale 
hawaiensis
abdominal-B isoform I AGC12523.1 1.05E-56
APPENDAGE PATTERNING
Dll Thermobia 
domestica
Distal-less, partial CDG15336.1 7.88E-31
Manduca 
sexta
Distal-less, partial AAT39558.1 1.01E-30
exd-555 Zootermopsis 
nevadensis
Homeobox protein extradenticle, 
partial
KDR09860.1 2.12E-87
Acyrthosipho
n pisum
PREDICTED: homeobox protein 
extradenticle isoform X2
XP_001948220.1 1.11E-80
Top Reciprocal BLASTx hit
Species Description Version E-Value
H. 
limbata 
Sequence
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exd-453 Camponotus 
floridanus
Homeobox protein extradenticle EFN68108.1 4.20E-81
Tribolium 
castaneum
extradenticle-like protein, partial AHY00654.1 1.83E-80
exd-438 Acyrthosipho
n pisum
PREDICTED: homeobox protein 
extradenticle isoform X2
XP_001948220.1 7.86E-55
Acyrthosipho
n pisum
PREDICTED: homeobox protein 
extradenticle isoform X1
XP_008182670.1 1.02E-54
dac-1116 Bombus 
impatiens
PREDICTED: hypothetical protein 
LOC100741294
XP_003486741.1 1.07E-57
Pediculus 
humanus 
corporis
dachshund, putative XP_002427868.1 1.34E-41
dac-837 Apis florea PREDICTED: dachshund homolog 2-
like isoform X1
XP_003694716.1 5.83E-84
Harpegnatho
s saltator
Dachshund-like protein 1 EFN83050.1 4.84E-83
dac-561 Thermobia 
domestica
Dachshund, partial CDG15335.1 1.96E-65
Pediculus 
humanus 
corporis
dachshund, putative XP_002427868.1 5.76E-45
dpp Athalia rosae decapentaplegic protein BAD08319.1 3.69E-122
Zootermopsis 
nevadensis
Protein decapentaplegic, partial KDR24224.1 9.21E-121
Egfr Acyrthosipho
n pisum
PREDICTED: epidermal growth factor 
receptor isoform X1
XP_008184751.1 5.65E-62
Tribolium 
castaneum
epidermal growth factor receptor, 
partial
ACN43333.1 5.75E-62
hth Thermobia 
domestica
Homothorax, partial CDG15334.1 2.39E-150
Tribolium 
castaneum
PREDICTED: homothorax isoform X4 XP_008196218.1 8.66E-135
nub Zootermopsis 
nevadensis
POU domain, class 2, transcription 
factor 1
KDR16449.1 4.45E-104
Harpegnatho
s saltator
POU domain, class 2, transcription 
factor 1
EFN82333.1 7.40E-104
tsh Pediculus 
humanus 
corporis
tiptop, putative XP_002422573.1 0.00
Danaus 
plexippus
teashirt-like protein EHJ68659.1 0.00
Top Reciprocal BLASTx hit
Species Description Version E-Value
H. 
limbata 
Sequence
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al-1314 Tribolium 
castaneum
PREDICTED: aristaless-related 
homeobox protein
XP_008195782.1 1.36E-53
Ceratosolen 
solmsi 
marchali
PREDICTED: retina and anterior 
neural fold homeobox protein 2
XP_011500306.1 2.59E-47
al-555 Drosophila 
grimshawi
GH24457 XP_001991987.1 2.32E-39
Drosophila 
virilis
GJ19274 XP_002055264.1 7.86E-39
bab Zootermopsis 
nevadensis
Protein bric-a-brac 1 KDR13995.1 2.97E-119
Apis dorsata PREDICTED: broad-complex core 
protein isoforms 1/2/3/4/5-like isoform 
X1
XP_006617711.1 2.31E-116
Top Reciprocal BLASTx hit
Species Description Version E-Value
H. 
limbata 
Sequence
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Table 3.4: Pairwise comparisons showing percent sequence identity for H. limbata protein 
sequences against each homologous sequence in the A. 4.1-53 alignments. Percentages in bold 
represent the highest identity match for that H. limbata protein, while protein names in bold 
appear in Appendix 3.32. All homologous sequences are highlighted according to taxa as 
follows: green, insects; white, non-insect hexapods; blue, crustaceans; yellow, myriapods; red, 
arachnids. Homologs with an asterisk are partial sequences.
Protein Species and % Sequence Identity Protein Species and % Sequence Identity
SEGMENTATION fu D.m. T.c. A.p. D.ma.
MATERNAL 16.36 24.46 19.74 19.32
Exu D.m. T.c. L.h. L.s. gsb D.m. O.b. P.h.c. P.t.
22.16 27.73 22.92 9.50 41.68 44.60 43.46 42.50
Vas D.m. T.c. G.g. P.h. C.j. *G.m. T.u. wg D.m. T.c. L.h. D.ma. T.p. *G.m
.
C.s.
Vas-1587 38.82 44.72 48.48 38.68 35.21 26.47 21.17 57.71 55.16 61.81 27.49 55.46 19.08 47.78
Vas-705 11.08 12.90 11.26 12.11 10.80 19.00 6.76 Hox
stau D.m. T.c. R.p. D.ma. A.f. H.e. Lab D.m. T.c. T.d. D.p. P.n. *L.a. P.t.
stau-1416 14.06 26.85 27.93 16.40 18.99 27.21 21.33 7.73 18.98 22.98 26.78 14.45 23.95
stau-1041 12.48 16.36 15.83 13.10 17.01 13.58 Prb D.m. T.c. Z.n. D.p. P.n. *L.a. I.s.
GAP 13.47 20.96 19.01 13.34 17.03 14.61 13.83
Hb D.m. T.c. A.p. A.s. D.ma. G.m. P.t. Dfd D.m. T.c. A.p. D.p. P.h. G.m. P.t. 
17.57 20.12 16.84 20.20 17.06 15.25 15.98 17.58 29.56 18.41 23.27 32.82 29.15 30.06
Kni D.m. T.c. N.l. T.j. P.h. *S.m. Antp D.m. T.c. Z.n. A.f. P.n. *G.m
.
P.t.
17.03 22.09 25.55 16.70 20.08 13.95 35.07 45.84 38.13 25.73 32.87 26.80 34.18
kr D.m. T.c. L.m. L.v. P.n. *S.m. *I.r. AbdA D.m. T.c. O.c. L.v. P.h. S.m. C.l.
23.59 42.32 41.52 10.27 10.11 11.07 7.78 26.19 59.22 40.95 44.86 38.52 45.22 53.89
tll D.m. T.c. *N.l. T.j. *D.p. *G.m. *O.b. AbdB D.m. T.c. L.h. P.h. P.n. S.m. A.l.
29.05 33.18 37.05 29.33 37.14 47.22 6.92 19.31 38.35 42.35 42.38 29.13 48.04 24.95
ems D.m. T.c. Z.n. D.ma. P.o. APPENDAGE PATTERNING
19.03 39.03 38.02 17.91 25.61 Dll D.m. T.c. N.l. P.h. M.o. *G.m
.
P.t.
Otx D.m. B.m. Z.n. A.s. *S.m. C.s. 35.16 36.70 38.52 22.40 27.54 21.22 35.19
18.73 24.91 8.19 21.46 9.56 22.44 exd D.m. T.c. L.h. D.ma. *P.h. *G.m
.
C.s.1 C.s.2
PAIR RULE GENES exd-555 34.09 33.76 34.32 32.30 16.12 16.88 29.32 24.69
h D.m. T.c. Z.n. *G.m. P.t. exd-453 37.77 40.22 32.87 35.25 77.27 81.82 30.46 40.24
h-984 26.91 28.30 25.81 17.65 28.07 exd-438 27.49 30.19 26.91 28.50 17.60 18.66 23.52 31.94
h-357 20.00 28.95 20.63 9.32 20.74 dac D.m. T.c. P.h.c. *T.l. D.ma. *G.m
.
P.t.
eve D.m. A.m. G.b. D.p. L.a. C.s. dac-111
6
15.92 25.92 20.57 17.24 12.48 9.91 13.67
26.77 25.13 35.00 22.25 24.83 25.32 dac-837 14.60 22.34 21.85 6.63 16.28 10.73 17.49
slp2 D.m. T.c. *O.f. dac-561 8.54 14.53 14.68 15.96 9.24 23.10 8.30
39.41 52.80 35.11 dpp D.m. T.c. N.l. D.ma. *G.m
.
P.t.
SEGMENT POLARITY 31.89 40.96 44.74 37.70 13.03 36.64
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Table 3.5: A selection of metrics useful for assessing transcriptomic data, listed from most to 
least accessible in regard to assessing de novo transcriptomes of non-model organisms.
arm D.m. T.c. L.h. D.ma. H.a. P.t. Egfr D.m. T.c. A.p. D.ma. *I.s.
68.94 70.61 72.01 65.66 65.05 67.61 46.44 55.67 54.38 60.78 47.09
hh D.m. B.t. L.h. D.ma. P.h. *G.m. M.o. hth D.m. T.c. L.h. D.ma. *G.m
.
C.s.1 C.s.2
41.92 49.78 46.26 42.11 37.16 44.62 40.09 51.98 58.09 16.81 40.16 57.18 38.35 39.37
ci D.m. T.c. P.h.c. D.ma. *G.m. P.t. nub D.m. T.c. *P.m. A.a. *C.s.
12.95 16.07 13.74 11.71 40.68 10.57
ptc D.m. T.c. A.p. D.p. *L.s. *G.m. P.t. 15.80 29.49 44.22 30.03 46.44
ptc-2769 28.98 21.30 24.64 32.58 13.65 0.00 30.36 tsh D.m. T.c. *O.f.
ptc-1395 17.70 18.09 15.10 19.85 2.26 14.41 15.89 19.31 37.76 7.71
en D.m. T.c. P.h.c. A.f. D.p. *S.m. A.l. al D.m. T.c. L.h. D.ma. *S.m.
en-1008 23.06 27.13 9.74 36.73 33.56 26.26 35.91 al-1314 18.61 20.25 17.52 19.39 10.46
en-387 15.33 25.76 2.69 25.50 19.91 32.37 22.02 al-555 15.61 17.28 16.14 10.68 7.01
pan D.m. T.c. L.h. *H.a. R.p. bab D.m. P.m. L.h. D.ma. *H.a. I.r.
4.04 26.94 33.96 9.69 2.75 19.18 14.96 16.07 22.15 16.12 18.81
Species and % Sequence Identity Protein Species and % Sequence IdentityProtein
Metric Example Sources
Mean contig length Gibbons et al., 2009; Feldmeyer, et al., 2011
Number of reads / contig This study
Average Coverage Pallavicini et al., 2013; Biscotti et al., 2016
GO term profile comparisons Ewen-Campen et al., 2011; O’Neil et al., 2010; Zhu et al., 
2012Ortholog Hit Ratio O’Neil et al., 2010; Ewen-Campen, 2011; Galarza et al., 
2017; Carlson & Hedin, 2017
Sequence length Vera et al., 2008
Expressed sequences Martin and Wang, 2011
Reference Genome Martin et al., 2010
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Chapter 4
Final Statements
General Conclusions 
Mayflies have been extensively studied in regard to their life history (Brittain 1982), ecological 
impact (Cummins, 1973; Leonard & Leonard, 1962), and position in early insect taxonomy 
(Trautwein et al., 2012). However, this work represents one of the first efforts to apply an 
integrative, evo-devo approach to investigating mayfly body plan development and genetics. In 
this regard, we described two of the three integrative components of evo-devo described by 
Mallarino & Abzhanov (2012): morphological development and candidate gene identification. 
Our morphological data on H. limbata development revealed extensive similarities 
within Ephemeroptera in regard to their body plans. Order-wide developmental conservation 
was most apparent in the embryonic stages, with embryogenesis following either a short or 
intermediate germ pattern (Davis and Patel, 2002), in which the abdominal segments are added 
sequentially over the course of embryogenesis. Such stages are identifiable in a variety of 
mayfly taxa, including Ephoron leukon (O’Donnell and Jockusch, 2010), Ephemera japonica 
(Tojo & Machida, 1997), and Tortopus incertus (Tsui and Peters, 1974). By defining distinct 
periods (pre, early, mid, late, and post) during the process of germ band extension, we 
established a broadly applicable system for describing and identifying mayfly embryos. This 
system is flexible enough for easy identification, yet able to be further defined by reference to 
distinct developmental events, such as the embryonic movements of blastokinesis (Tsui & 
Peters, 1974; Tojo & Machida, 1997). 
As has been reported for other mayfly species (Ecdyonurus venosus: Rawlinson, 1939; 
Siphlonurus typicus: Kosnicki & Burian, 2003), instar determination for most post-embryonic 
H. limbata stages was not feasible; however, a number of clear developmental patterns were still 
apparent in H. limbata. The most prominent was the simultaneous second instar development of 
A2-A7 gills, which then elongate and continue branching in subsequent instars. This pattern of 
gill development was identified by Ide (1935) in the burrowing mayfly Ephemera simulans and 
by O’donnell (2009) in Ephoron leukon; however, until now developmental data on Hexagenia 
mayflies did not extend past the third instar (Wiebe, 1926; Neave, 1932). Other identified 
developmental patterns include the widening of thoracic tibia and femora over successive 
instars, delayed development of the A1 gills, and later development of mandibular tusks. While 
these traits are also conserved within the burrowing mayflies, there are differences in how they 
develop that indicate heterochrony, and thus fine temporal differences in the underlying gene 
expression. 
Collectively, both embryonic and nymphal morphological data suggests that the unique 
body plan of mayflies is derived from conserved genetic pathways, or at least genetic pathways 
that have evolved convergent phenotypes. Similarly, the developmental conservation of leg and 
gill morphology in burrowing mayflies suggests an even more specific suite of developmental 
genes, and may thus depend upon the same genetic mechanisms. Identifying candidate 
sequences and assessing their functional importance is thus crucial for understanding the genetic 
evolution of mayfly body plans.  
Studies to identify candidate genetic mechanisms for mayfly development have rarely 
been undertaken. Of the genetic studies on mayflies, most are focused on clarifying their 
taxonomic position. Sequencing efforts to investigate genes have largely been limited to studies 
 63
on select developmental (O’Donnell & Jockusch, 2010; Niwa et al., 2010; Hadrys et al., 2012) 
or environmental (De Jong et al., 2006) candidates, and often report only small, highly 
conserved portions of the gene. Only recently has a broader, more complete approach to 
sequencing been undertaken in mayflies by initiatives like the 1KITE transcriptomic project. A 
transcriptomic study explicitly focused upon developmental processes in mayflies did not 
emerge until Si et al. (2017), which studied metamorphosis in the mayfly Cloeon viridulum by 
sequencing transcriptomic profiles for nymphal, subimago, and imago stages. While not an 
RNAseq study, our work nonetheless continues this approach to studying mayfly genetics, and 
is the first to employ transcriptomics to identify large sequences for candidate developmental 
genes, many of which were unidentified not only in H. limbata, but in mayflies in general.
Sequencing and subsequent de novo assembly of first instar mRNA provided a 
transcriptomic dataset of 93,561 contigs. While parameters for transcriptome quality assessment 
vary widely (Martin & Wang, 2011; O’Neil & Emrich, 2013), a number of studies have used 
contig length (Gibbons et al., 2009; Feldmeyer, et al., 2011), average coverage per contig 
(Feldmeyer, et al., 2011), and GO term profile (O’Neil et al., 2010; Ewen-Campen et al., 2011; 
Zhu et al., 2012). These parameters collectively suggest that our assembly is of high quality.
“Gene Specific” assembly annotation via query BLASTp, reciprocal BLASTx, and 
protein alignments has been successful at identifying candidate genes of interest (Chesmore et 
al., 2016), and in this study led to the identification of fifty-three key segmentation, appendage 
patterning, and cell signaling genes comprising 78 sequences. Of these, genes expressed later in 
the segmentation hierarchy, appendage patterning genes, and cell signaling genes were the most 
frequently identified, likely due to both the post embryonic nymphs sampled for this 
transcriptome, and the probable higher expression of cell signaling genes, which fulfill 
numerous key roles throughout development (Logan and Nusse, 2004; Jiang and Hui, 2008; and 
Lai, 2004). Most identified sequences returned hits for homologous genes in BLASTx analyses, 
and showed clear conservation when aligned to other insect homologs in regard to both 
conserved functional regions and percent identity of the sequence overall. Interestingly, a 
number of expected developmental genes were not identified in this dataset. These include the 
Hox gene Ubx, despite the presence of Ubx/AbdA staining in older post-EGB embryos and the 
identification of an AbdA sequence, and core members of the Delta/Notch signaling pathway, 
even though accessary Delta/Notch signaling pathway genes like fng and Ser were identified. 
While one possibility is that these missing genes are not expressed in first instars (or expressed 
at levels too low to detect), it is also possible that our Gene Specific annotation missed 
sequences of interest in our dataset. GO annotation via BLAST2GO labeled 841 and 996 
contigs as relevant to Developmental and Signaling processes respectively, further suggesting 
that additional sequences of interest could be identified in this transcriptome.  
Future Directions
     
The combination of morphological data, candidate developmental genes, and functional studies 
create a powerfully integrative way to study evolutionary change and developmental 
mechanisms (Mallarino and Abzhanov, 2012). In the following section, we examine H. limbata 
evo-devo research opportunities that would provide novel data on candidate developmental 
genes and functional relationships, but that remain unexplored or in the troubleshooting phase 
of development.  
To investigate candidate developmental gene expression in this study, we obtained 
antibodies for several key genes of interest, including each of the four posterior Hox genes 
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(Antp, Ubx, AbdA, AbdB) and the appendage patterning gene dac. Of these, only anti-Antp and 
anti-Ubx/AbdA produced successful staining, indicating one major obstacle to studying 
candidate gene expression in mayflies: the frequency with which D. melanogaster specific and 
general-use antibodies fail to bind H. limbata proteins. While one approach to this problem is to 
develop H. limbata specific antibodies, this comes at an extensive cost, and was unfeasible for 
our purposes. Fortunately, there remained the second, far more affordable option of in situ 
hybridization (ISH). ISH has been successfully conducted in the Ephemeroidea mayfly Ephoron 
leukon (O’Donnell & Jockusch, 2010), and can be developed for any gene in which sufficient 
sequence data is available. The fifty-three candidate developmental genes identified in this study 
includes large sequences for all posterior Hox genes except Ubx, and several fundamental 
appendage patterning genes like Dll, Exd, Hth, and dac. Thus, developing ISH in H. limbata 
appears both readily feasible and a potentially powerful untapped resource for investigating the 
genetic basis behind mayflies’ unique body plan. 
We developed riboprobe synthesis and ISH protocols (Appendix 5), using 
transcriptomic data for AbdA as the first candidate gene of interest (Fig. 4.1). While AbdA 
roboprobe synthesis appeared moderately successful according to dot-blot analyses, ISH 
staining trials with older H. limbata embryos produced only extensive background staining (Fig. 
4.2). There are several possibilities that may explain the lack of positive staining in our AbdA 
samples. First, there may be issues with our riboprobe synthesis that are not apparent via our 
dot-blot analyses. This appears to be the least probable option, as the template AbdA sequence 
was confirmed by Sanger sequencing before undergoing riboprobe synthesis, and only 
riboprobes that appeared on dot-blot gels were used in ISH protocols. A more likely source of 
error regards the ability of the roboprobe to access and properly bind to AbdA mRNA in the H. 
limbata embryos. Three main factors to consider here are the presence or absence of RNA in 
post-EGB H. limbata embryos, the possibility of RNA degradation, and potential errors in the 
ISH protocol itself. It is likely that RNA is present in post-EGB embryos given the presence of 
Ubx/AbdA protein staining (Fig. 2.5); however, it is possible that mRNA is not properly 
preserved in either our fixation process or in the early steps of the ISH protocol, leading to its 
degradation. A clear way to assess this possibility would be to investigate RNA integrity in fixed 
embryos, perhaps via qPCR. Finally, it is possible that factors within the protocol itself have 
negatively impacted riborpobe-mRNA binding. 
Another issue relevant to candidate gene expression in mayflies is the mayfly 
exoskeleton. A basic principle of development is that phenotypic change proceeds changes in 
gene expression. Thus, while identifying gene expression changes throughout embryogenesis 
can provide identify notable divergences in expression patterns, the crucial moment of 
expression in regard to gill development is likely the first nymphal instar, which lacks gills but 
develops them simultaneously upon molting to the second. However, unlike embryos, insect 
nymphs have a well developed exoskeleton that provides an effective barrier to staining 
reagents such as antibodies, and even nuclear stains such as DAPI. One possible solution is to 
perforate the exoskeleton, thus allowing antibodies access to the specimen. This has been 
successfully done via ethanol and Proteinase K for IHC in centipedes (Hughes & Kaufman, 
2002b); trials with Proteinase K in H. limbata likewise showed increased permeability in first 
instars, as revealed by DAPI stains (Fig. 4.2). However, increased permeability did not correlate 
with any Ubx/AbdA staining. Since sequence data for full AbdA transcripts were identified in the 
first instar transcriptome, additional confounding factors are likely responsible for the lack of 
any clear staining.
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As per our evo-devo approach, the third crucial element for understanding the mayfly 
body plan is functional data on candidate genes of interest. As explained by Mallarino and 
Abzhanov (2012) and exemplified by the RNAi gene knockdown experiments of Konopova and 
Akam (2014), functional data is crucial to identifying causal connections between the candidate 
developmental genes and morphological development of interest. We successfully synthesized 
double-stranded RNA (dsRNA) for RNAi based upon the same AbdA template sequence used 
for riboprobe synthesis. However, functional data remains absent in the current work due to 
necessary troubleshooting on two key fronts. First, an effective dsRNA delivery method needs 
to be developed. The small eggs of H. limbata feature a tough chorion that is difficult to 
penetrate with sufficiently thin micro-injection needles, and that frequently results in needle 
buckling or breakage. A similar issue was encountered with first instar nymphs, in that their 
small size and slim build made thin injection needles a necessity, despite their tendency to break 
(Fig. 4.1). One possible solution is to focus upon techniques that deliver the dsRNA indirectly, 
such as by soaking (Fig. 4.2) or electroporation (Karim et al., 2010; Yu et al., 2013). The second 
key issue is to insure that, once a feasible delivery method is developed, actual mRNA transcript 
knockdown can be confirmed. In this regard, qPCR or successful ISH protocols would be 
potential solutions.
Finally, a feasible but unexplored research avenue regards RNAseq experiments in H. 
limbata. The use of RNAseq for identifying candidate developmental genes of interest is 
illustrated by Si et al. (2017), whom targeted candidate developmental genes relevant to 
lifecycle transitions between nymphs, subimagos, and imagos in the mayfly Cloeon viridulum. 
A similar approach in H. limbata focused on older Post-EGB embryos, first, and second 
nymphal instars could highlight which developmental genes are expressed when gills begin 
developing, and thus provide more specific candidate targets for subsequent ISH and RNAi 
protocols.
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FIGURES
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Figure 4.1: Abdominal-A sequence annotated with primers for ISH riboprobes (red) and 
dsRNA primers (light blue). Annotated domains and motifs were identified in SMART v7.0 
and are shown via colored highlights: yellow, YPWm motif; green, TDWM motif; blue, 
homeodomain; purple, UbdA peptide. A condensed view of all annotations is provided in the 
inset.
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Figure 4.2: Troubleshooting gene expression and function techniques in H. limbata. (a-c) In 
situ hybridization staining of post-EGB H. limbata embryos, using Sp6 antisense (a) and T7 
sense (b) hydrolyzed AbdA riboprobes. Note that in both specimens, light staining is seen 
throughout all body segments. Slightly stronger staining was seen in numerous negative 
controls within the head lobe (white asterisk) and A1-A8 segments. (c, d) Post-EGB 
embryonic negative controls for AbdA ISH. While most showed no staining in any of the 
body segments or appendages (c), some did bear head lobe and abdominal staining (d). (e) 
The dot-blot analysis used to confirm riboprobe quality for a and b. Control RNA (100 ng/
μl) was provided in concentrations of (100%), (50%), and (25%). Synthesised riboprobes 
were both hydrolyzed (H) and non-hydrolyzed (non-H). T7 riboprobes were sense, and Sp6 
were antisense. Dot blot analyses were always used to confirm probe integrity before ISH 
protocols, further suggesting that H. limbata ISH troubleshooting centers upon riboprobe - 
mRNA interactions. (f, g) DAPI nuclear stains of first instar nymphs that were either 
controls (f) or treated before DAPI staining with Proteinase K (g) in order to improve 
exoskeleton permeability. Note that DAPI staining of both the thorax and abdomen in is 
notably brighter after Proteinase K digestion (white arrows). (h) One possible method for H. 
limbata RNAi is microinjection of dsRNA (arrow) directly into first nymphal instars. Note 
that microinjection in H. limbata eggs (not shown) and nymphs proved difficult due to their 
small size and durable exterior. (i) Schematic representing an alternative method for 
conducting embryonic RNAi in H. limbata. In this method, embryos would be 
permeabilized via brief exposure to a diluted bleach solution, then transferred to a 1.5mL 
micro centrifuge tube to begin dsRNA soaking for 24 hours under gentle agitation. Scale 
bars 0.10mm (a-d), 0.20mm (f, g).
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Figure 4.2 
Figure 4.2: Troubleshooting gene expression and function 
techniques in H. limbata. (a-c) In situ hybridization staining of 
post-EGB H. limbata embryos, using Sp6 sense (a) and T7 
antisense (b) hydrolyzed AbdA riboprobes. Note that in both 
specimens, light staining is seen throughout all body segments. 
Slightly stronger staining was seen in numerous negative 
controls within the head lobe (white asterisk) and A1-A8 
segments. (c, d) Post-EGB embryonic negative controls for 
AbdA ISH. While most showed no staining in any of the body 
segments or appendages (c), some did bear head lobe and 
abdominal staining (d). (e) The dot-blot analysis used to confirm 
riboprobe quality for a and b. Control RNA??? was provided in 
concentretions of (100%), (50%), and (25%). Synthesised 
riboprobes were both hydrolyzed (H) and non-hydrolyzed (non-
H). T7 riboprobes were antisense, and Sp6 were sense. Dot blot 
analyses were always used to confirm probe integrity before ISH 
protocols, further suggesting that H. limbata ISH 
troubleshooting centers upon riboprobe - mRNA interactions. (f, 
g) DAPI nuclear stains of first instar nymphs that were either 
controls (f) or treated before DAPI staining with Proteinase K 
(g) in order to improve exoskeleton permeability. Note that 
DAPI staining of both the thorax and abdomen in is notably 
brighter after Proteinase K digestion (white arrows). (h) One 
possible method for H. limbata RNAi is microinjection of 
dsRNA (arrow) directly into first nymphal instars. Note that 
microinjection in H. limbata eggs (not shown) and nymphs 
proved difficult due to their small size and durable exterior. (i) 
Schematic representing an alternative method for conducting 
embryonic RNAi in H. limbata. In this method, embryos would 
be permeabilized via brief exposure to a diluted bleach solution, 
then transferred to a 1.5mL micro centrifuge tube to begin 
dsRNA soaking for 24 hours under gentle agitation. Scale bars 
0.10mm (a-d), 0.20mm (f, g).
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Appendix 1: Negative IHC Controls
 
   
Appendix 1.1: Negative control specimens for Horseradish-peroxidase staining of Ubx/AbdA 
FP6.87 and Antp 4C3 antibodies in H. limbata embryos. Ventral view for a-c, f, and g; lateral 
view for d and e. Anterior to the top for all images. (a) Early EGB stage, which never showed 
any staining in these IHC trials. (b, c) As with early EGB stages, both Mid EGB (b) and late 
EGB (c) stage embryos were essentially devoid of any non-specific staining; however, very 
faint non-specific stains can sometimes be seen in thicker tissues such as the head cap (arrow). 
(d, e) Earlier post EGB embryos consistently lack staining, but are more likely to show non-
specific background staining as a grayish-brown color in thicker tissues. Note that staining 
appears darker in thicker tissues (see bracketed area), and thus lateral views (as in e) make 
any staining appear darker than a ventral view. (f, g) Older post EGB embryos usually lack 
staining, though non-specific staining may be seen in thicker tissues like the head cap and 
abdominal fold (black arrows). Scale bars 0.10mm. 
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Appendix 2: 
Developmental and Cell Signaling genes not clearly identified via reciprocal BLASTx
Appendix 2.1: Developmental and Cell Signaling genes that were not clearly identified in the 
H. limbata transcriptome via BLASTn and reciprocal BLASTx. 
H. limbata 
Sequence
SEGMENTATION
MATERNAL
Bicoid Tudor Valois Torso fs(1)Nasrat
Swallow Oskar Pumilio Trunk fs(1)polehole
Nanos Caudal maelstrom piwi/aubergine Argonaute 3
germ cell-less
GAP
Giant Huckebein Buttonhead
PAIR RULE GENES
Odd-Paired Odd-Skipped Paired runt
SEGMENT POLARITY
H15
SEGMENT IDENTITY
Zen / Hox3 Fushi-tarazu Sex Combs 
Reduced
Ultrabithorax
APPENDAGE PATTERNING
zfh2 Optomotor-blind abrupt rotund
CELL SIGNALING
Delta Notch Notchless Presenilin
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Appendix 3: Cell Signaling Sequence Results
Appendix 3.1: Contig summary parameters for forty-one cell signaling protein-coding 
sequences identified in the H. limbata nymphal transcriptome. Sequences in bold also appear in 
key developmental pathways in Table 3.2.
*Multiple putative contigs were identified for these genes. When aligned to D. melanogaster 
protein homologs, they do not overlap with each other.
**When aligned to D. melanogaster homologs, overlapping nucleotides for these contigs are 
not identical.
***When aligned to D. melanogaster homologs, overlapping nucleotides for these contigs are 
100% identical.
H. limbata Coding Seq Contig # of 
Reads
Contig Ave. 
Coverage
Coding Seq. bp D. 
melanogaster 
Query Seq. FULL PROTEIN-CODING SEQUENCES
armadillo (arm) 10801 468.29 2,205 2529
arrow (arr) 2620 65.16 4848 5034
cubitus interruptus (ci) 491 68.36 966 4191
dishevelled (dsh) 1241 66.06 2154 1869
fringe (fng) 600 203.71 360 1236
frizzled (fz)** 183 11.41 1824 1743
Hairless (H) 546 27.43 1662 3231
hedgehog (hh) 314 25.07 1296 1413
mind bomb 2 (mib2) 1114 39.31 2952 3147
sarcoplasmic calcium-binding 
protein (CBP)
4590 476.33 807 1653
Serrate (Ser) 1457 42.41 3981 4221
smoothened (smo) 1091 48.29 3,000 3108
PARTIAL PROTEIN-CODING SEQUENCES
APC-like (Apc)** 4325 190.23 3102 7251
APC-like (Apc)** 1000 89.60 1506 7251
Axin (Axn)** 1220 73.48 1815 2235
Axin (Axn)** 743 94.96 753 2235
frizzled (fz)** 1012 58.23 1947 1743
frizzled (fz)** 547 88.98 786 1743
frizzled (fz)** 352 66.93 690 1743
frizzled (fz)** 175 38.47 609 1743
frizzled (fz)** 239 46.18 558 1743
frizzled (fz)** 188 33.27 450 1743
frizzled (fz)** 48 18.21 354 1743
fused (fu) 382 53.77 951 2415
hairy (h) 312 43.59 984 1011
hairy (h)** 820 232.52 357 1011
mind bomb 1 (mib1)* 380 21.73 2280 3678
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Appendix 3.2: Top two reciprocal BLASTx hits for putative H. limbata protein-coding 
sequences involved in major signaling pathways. Sequences in bold also appear in 
segmentation, segment identity, and appendage patterning pathways (Table 3.3).
mind bomb 1 (mib1)* 145 32.49 600 3678
mind bomb 1 (mib1)** 7 3.11 306 3678
pangolin (pan) 138 18.62 834 2253
patched (ptc)** 1799 84.89 2769 3897
patched (ptc)** 731 55.60 1395 3897
shaggy (sgg) 103 8.92 1251 3504
strawberry notch (sno)*** 3571 137.98 2979 4641
strawberry notch (sno)*** 1071 219.45 648 4641
strawberry notch (sno)** 142 59.34 303 4641
supernumerary limbs (slmb)** 2030 243.83 1026 1530
supernumerary limbs (slmb)** 999 199.94 498 1530
supernumerary limbs (slmb)** 567 155.15 420 1530
Suppressor of Hairless (Su(H)) 883 54.88 1722 1782
wingless (wg) 627 60.60 1290 1404
Contig # of 
Reads
Contig Ave. 
Coverage
Coding Seq. bp D. 
melanogaster 
Query Seq. 
H. limbata Coding Seq
H. Top Reciprocal BLASTx hit
limbata 
Seq.
Species Description Accession 
Version
E-Value
WNT
wg Ephoron 
eophilum
wingless, partial BAI79510.1 0.00
Bombus 
terrestris
PREDICTED: protein Wnt-1 XP_003393164.
1
0.00
arm Harpegnathos 
saltator
PREDICTED: armadillo segment 
polarity protein isoform X2
XP_011154161.
1
0.00
Acromyrmex 
echinatior
PREDICTED: armadillo segment 
polarity protein isoform X3
XP_011066873.
1
0.00
dsh Zootermopsis 
nevadensis
Segment polarity protein dishevelled-
like protein DVL-3
KDR21875.1 0.00
Megachile 
rotundata
PREDICTED: segment polarity 
protein dishevelled homolog DVL-3
XP_012142999.
1
0.00
fz (1947) Zootermopsis 
nevadensis
Frizzled-4, partial KDR08218.1 3.80E-177
Pediculus 
humanus 
corporis
class D atypical G-protein coupled 
receptor GPRfz3, putative
XP_002429581.
1
1.50E-171
fz(1824) Pediculus 
humanus 
corporis
class D atypical G-protein coupled 
receptor GPRfz2, putative
XP_002425255.
1
0.00
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Zootermopsis 
nevadensis
hypothetical protein L798_02601, 
partial
KDR21799.1 0.00
fz (786) Pediculus 
humanus 
corporis
class D atypical G-protein coupled 
receptor GPRfz5, putative
XP_002422941.
1
1.31E-79
Zootermopsis 
nevadensis
hypothetical protein L798_01927, 
partial
KDR08211.1 1.88E-78
fz (690) Zootermopsis 
nevadensis
hypothetical protein L798_01927, 
partial
KDR08211.1 3.45E-79
Pediculus 
humanus 
corporis
class D atypical G-protein coupled 
receptor GPRfz5, putative
XP_002422941.
1
1.67E-69
fz (609) Zootermopsis 
nevadensis
Frizzled-7, partial KDR08023.1 4.31E-65
Diaphorina 
citri
PREDICTED: frizzled-7-like XP_008483250.
1
8.07E-61
fz (558) Danaus 
plexippus
putative Frizzled-like protein 7b EHJ67969.1 9.12E-79
Zootermopsis 
nevadensis
Frizzled-7, partial KDR08023.1 7.23E-77
fz (450) Daphnia pulex Wnt-receptor frizzled-like protein 
variant 2 
EFX86266.1 2.79E-63
Daphnia pulex Wnt-receptor frizzled-like protein 
variant 1 
EFX86267.1 5.83E-63
fz (354) Zootermopsis 
nevadensis
Frizzled-7, partial KDR08023.1 6.52E-61
Microplitis 
demolitor
PREDICTED: frizzled-2 XP_008555597.
1
5.53E-58
sgg Tribolium 
castaneum
PREDICTED: glycogen synthase 
kinase-3 beta isoform X11
XP_008192199.
1
0.00
Tribolium 
castaneum
PREDICTED: glycogen synthase 
kinase-3 beta isoform X2
XP_008192197.
1
0.00
arr Zootermopsis 
nevadensis
Low-density lipoprotein receptor-
related protein 6
KDR08547.1 0.00
Athalia rosae PREDICTED: low-density lipoprotein 
receptor-related protein 6 isoform X1
XP_012250592.
1
0.00
Axn 
(1815)
Clastoptera 
arizonana
hypothetical protein g.17201, partial JAS19742.1 5.46E-118
Zootermopsis 
nevadensis
Axin-1 KDR13004.1 2.65E-110
Axn 
(753)
Clastoptera 
arizonana
hypothetical protein g.17205, partial JAS24867.1 1.38E-58
Zootermopsis 
nevadensis
Axin-1 KDR13004.1 5.44E-54
Apc 
(3102)
Tribolium 
castaneum
PREDICTED: adenomatous polyposis 
coli homolog
XP_008198134.
1
6.32E-51
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Nicrophorus 
vespilloides
PREDICTED: uncharacterized protein 
LOC108559352
XP_017772089.
1
1.53E-39
Apc 
(1506)
Limulus 
polyphemus
PREDICTED: LOW QUALITY 
PROTEIN: adenomatous polyposis 
coli protein-like
XP_013781878.
1
0.00
Parasteatoda 
tepidariorum
uncharacterized protein 
LOC107454397 isoform X3
XP_015927078.
1
0.00
pan Tribolium 
castaneum
PREDICTED: pangolin isoform X5 XP_008191153.
1
3.01E-115
Tribolium 
castaneum
PREDICTED: pangolin isoform X3 XP_008191151.
1
8.52E-115
HEDGEHOG
hh Zootermopsis 
nevadensis
Sonic hedgehog protein, partial KDR14772.1 4.27E-154
Pediculus 
humanus 
corporis
hypothetical protein, conserved XP_002422829.
1
2.21E-153
ci Tribolium 
castaneum
cubitus interruptus, partial ACN43335.1 1.2E-112
Zootermopsis 
nevadensis
Protein cubitus interruptus KDR19440.1 1.02E-110
fu Zootermopsis 
nevadensis
Serine/threonine-protein kinase 36 KDR21916.1 1.76E-119
Bombus 
terrestris
PREDICTED: serine/threonine-
protein kinase fused-like
XP_003400175.
1
7.91E-118
ptc 
(2769)
Zootermopsis 
nevadensis
Protein patched, partial KDR08387.1 3.02E-168
Pediculus 
humanus 
corporis
patched 1, putative XP_002428547.
1
3.15E-167
ptc 
(1395)
Zootermopsis 
nevadensis
Protein patched, partial KDR08387.1 3.02E-168
Pediculus 
humanus 
corporis
patched 1, putative XP_002428547.
1
3.15E-167
smo Megachile 
rotundata
PREDICTED: protein smoothened-
like
XP_003707724.
1
7.27E-158
Apis dorsata PREDICTED: protein smoothened-
like isoform X1
XP_006616295.
1
3.13E-156
slmb 
(1026)
Neodiprion 
lecontei
PREDICTED: beta-TrCP XP_015523161.
1
0.00
Zootermopsis 
nevadensis
F-box/WD repeat-containing protein 
1A
KDR19729.1 0.00
slmb 
(498)
Homalodisca 
liturata
hypothetical protein g.30927, partial JAS94854.1 6.77E-85
Homalodisca 
liturata
hypothetical protein g.30926, partial JAS80979.1 1.96E-84
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slmb 
(420)
Ictalurus 
punctatus
PREDICTED: F-box/WD repeat-
containing protein 11-like isoform X2
XP_017341051.
1
1.88E-39
Mus musculus Fbxw11 protein, partial AAH08552.1 3.78E-38
CBP Homalodisca 
liturata
hypothetical protein g.6290 JAS89395.1 2.23E-84
Neodiprion 
lecontei
PREDICTED: sarcoplasmic calcium-
binding protein
XP_015514870.
1
8.73E-81
NOTCH
fng Zootermopsis 
nevadensis
Fringe glycosyltransferase, partial KDR18395.1 1.46E-51
Tribolium 
castaneum
PREDICTED: fringe 
glycosyltransferase
XP_008198283.
1
1.56E-50
H Pediculus 
humanus 
corporis
hypothetical protein 
Phum_PHUM171800
XP_002425071.
1
1.86E-39
Solenopsis 
invicta
PREDICTED: uncharacterized protein 
LOC105200345
XP_011166138.
1
3.36E-35
h (984) Zootermopsis 
nevadensis
Protein deadpan KDR07937.1 4.41E-81
Athalia rosae PREDICTED: protein hairy XP_012269110.
1
1.65E-68
h (357) Athalia rosae protein hairy XP_012264893.
1
3.80E-44
Fopius arisanus PREDICTED: protein hairy XP_011314713.
1
1.28E-43
mib1 
(2280)
Linepithema 
humile
PREDICTED: E3 ubiquitin-protein 
ligase MIB1
XP_012232217.
1
0.00
Wasmannia 
auropunctata
PREDICTED: E3 ubiquitin-protein 
ligase MIB1
XP_011697329.
1
0.00
mib1 
(600)
Zootermopsis 
nevadensis
E3 ubiquitin-protein ligase MIB1 KDR15205.1 2.62E-84
Pediculus 
humanus 
corporis
mind bomb, putative XP_002432467.
1
1.63E-77
mib1 
(306)
Pediculus 
humanus 
corporis
mind bomb, putative XP_002432470.
1
1.33E-39
Zootermopsis 
nevadensis
E3 ubiquitin-protein ligase mind-
bomb
KDR15200.1 3.48E-39
mib2 Zootermopsis 
nevadensis
E3 ubiquitin-protein ligase MIB2 KDR11449.1 0.00
Stegodyphus 
mimosarum
E3 ubiquitin-protein ligase MIB2, 
partial
KFM65861.1 0.00
Su(H) Zootermopsis 
nevadensis
Suppressor of hairless protein KDR10989.1 0.00
Pogonomyrmex 
barbatus
PREDICTED: recombining binding 
protein suppressor of hairless
XP_011636174.
1
0.00
Ser Tribolium 
castaneum
PREDICTED: protein jagged-1b 
isoform X1
XP_008196296.
1
0.00
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Appendix 3.3: Pairwise comparisons showing PID for putative H. limbata cell-signaling 
protein sequences against homologous sequences from the cell signaling alignments. 
Percentages in bold represent the highest identity match for that H. limbata protein sequence, 
while protein names in bold appear in Table 3.4. All homologs are highlighted according to taxa 
as follows: green, insects; white, non-insect hexapods; blue, crustaceans; yellow, myriapods; 
red, arachnids. Homologs with an asterisk are partial sequences.
Tribolium 
castaneum
PREDICTED: protein jagged-1b 
isoform X2
XP_008196297.
1
0.00
sno 
(2979)
Zootermopsis 
nevadensis
Protein strawberry notch KDR18510.1 0.00
Athalia rosae PREDICTED: protein strawberry 
notch isoform X5
XP_012252747.
1
0.00
sno (648) Megachile 
rotundata
PREDICTED: protein strawberry 
notch isoform X3
XP_012140897.
1
1.39E-103
Athalia rosae protein strawberry notch isoform X5 XP_012252747.
1
1.45E-103
sno (303) Zootermopsis 
nevadensis
Protein strawberry notch KDR18510.1 7.72E-49
Tribolium 
castaneum
hypothetical protein 
TcasGA2_TC015178
EFA05081.1 3.59E-47
Protein Species and % Sequence Identity Protein Species and % Sequence Identity
WNT ptc D.m. T.c. A.p. D.p. *L.s. *G.m. P.t.
wg D.m. T.c. L.h. D.ma. T.p. *G.m. C.s. ptc 
(2769)
28.98 21.30 24.64 32.58 13.65 0.00 30.36
57.71 55.16 61.81 27.49 55.46 19.08 47.78 ptc 
(1395)
17.70 18.09 15.10 19.85 2.26 14.41 15.89
arm D.m. T.c. L.h. D.ma. H.a. P.t. smo D.m. O.b. L.h. D.ma. H.a. P.t.
68.94 70.61 72.01 65.66 65.05 67.61 28.96 22.76 29.27 28.75 8.61 19.51
dsh D.m. T.c. H.h. D.p. H.a. R.a. slmb D.m. T.c. A.p. P.t.
42.55 59.25 58.93 40.11 47.59 52.83 slmb 
(1026)
45.23 56.10 53.14 51.36
fz D.m. T.c. O.c. D.p. G.m. I.s. slmb 
(498)
22.46 25.64 24.95 25.34
fz (1947) 28.71 27.82 21.57 26.38 27.18 27.22 slmb 
(420)
11.31 10.14 9.61 2.24
fz(1824) 33.09 37.04 27.70 33.65 37.05 37.14 CBP D.m. T.c. P.h.c. L.v. A.f. P.t.
fz (786) 14.38 14.06 11.92 12.87 13.63 15.00 22.64 38.75 42.21 11.89 11.89 10.24
fz (690) 10.28 11.92 10.42 11.52 11.79 10.84 NOTCH
fz (609) 15.09 17.96 9.51 16.18 18.06 16.53 fng D.m. B.m. L.h. D.ma. R.a.
fz (558) 16.26 21.12 9.72 17.44 19.38 20.55 19.42 22.80 24.22 22.75 21.17
fz (450) 11.69 11.95 11.68 14.65 14.33 17.01 H D.m. A.m. L.h. D.ma.
fz (354) 11.11 16.00 8.57 12.50 14.21 15.34 17.97 29.97 27.01 20.62
sgg D.m. T.c. T.d. A.s. D.p. P.t. h D.m. T.c. Z.n. *G.m. P.t.
27.14 86.33 87.53 78.24 76.06 75.63 h (984) 26.91 28.30 25.81 17.65 28.07
arr D.m. *A.m. h (357) 20.00 28.95 20.63 9.32 20.74
45.92 10.89 mib1 D.m. B.m. F.a. P.t.
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Axn D.m. T.c. Z.n. D.ma. *S.m. mib1 
(2280)
48.59 56.04 64.45 62.03
Axn 
(1815)
17.30 20.20 26.28 22.88 14.87 mib1 
(600)
9.46 10.04 13.17 12.61
Axn 
(753)
8.77 12.50 14.83 8.57 8.80 mib1 
(306)
5.68 6.84 7.15 7.41
Apc D.m. H.s. L.h. D.ma. H.a. S.s. mib2 D.m. A.c.
Apc 
(3102)
11.91 5.37 11.11 8.49 9.23 3.18 46.12 50.85
Apc 
(1506)
11.42 11.25 19.72 10.20 11.35 14.50 Su(H) D.m. T.c. L.h. *D.ma. *L.s. *P.t.
pan D.m. T.c. L.h. *H.a. R.p. 65.86 72.71 72.84 47.90 68.59 58.58
4.04 26.94 33.96 9.69 2.75 Ser D.m. T.c. *Z.n. *D.ma. *C.s.
HEDGEHOG 37.72 51.74 49.93 38.83 7.83
hh D.m. B.t. L.h. D.ma. P.h. *G.m. M.o. sno D.m. T.c. A.p. D.ma. H.a. P.t.
41.92 49.78 46.26 42.11 37.16 44.62 40.09 sno 
(2979)
41.52 54.88 49.82 46.21 32.47 47.36
ci D.m. T.c. P.h.c. D.ma. *G.m. P.t. sno (648) 8.65 11.20 10.08 8.29 6.36 9.72
12.95 16.07 13.74 11.71 40.68 10.57 sno (303) 4.66 6.14 5.41 5.13 3.37 4.91
fu D.m. T.c. A.p. D.ma.
16.36 24.46 19.74 19.32
Species and % Sequence Identity Protein Species and % Sequence IdentityProtein
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Appendix 4: Annotated Protein Alignments
A. 4.1-4.21 and A. 4.28-4.53 are available upon request:
cjgonzalez@plymouth.edu
bcodonnell@plymouth.edu
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Appendix 4.22: Amino acid alignment of putative H. limbata labial (Lab) with homologs 
from seven additional arthropod species. All annotated domains and motifs were identified in 
SMART v7.0 and are shown as follows: yellow, YPWM motif; blue, Homeodomain. A 
condensed view of all annotations is provided in the inset. Lab homologs were the largest 
found in the Genbank database for that species and have the following accession numbers: 
Insect: CAB57786.1 (D.m., Drosophila melanogaster), NP_001107807.1 (T.c., Tribolium 
castaneum), AAD50360.1 (T.d., Thermobia domestica); Crustacean: EFX86813.1 (D.p., 
Daphnia pulex), ALB00314.1 (P.n., Paracyclopina nana); Myriapod: AF435002_1 (*L.a., 
Lithobius atkinsoni); Arachnid: BAI83407.1 (P.t., Parasteatoda tepidariorum). NCBI 
sequences described as partial proteins are denoted with an asterisk.
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Appendix 4.22 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 
Appendix 4.22 (Continued) 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 
Appendix 4.22 (Continued)
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 
Appendix 4.22 (Continued) 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   
Appendix 4.23: Amino acid alignment of putative H. limbata proboscopedia (Prb) with 
homologs from four additional arthropod species. All annotated domains and motifs were 
identified in SMART v7.0 and are shown as follows: yellow, YPWM motif; blue, 
Homeodomain; pink, Internal repeat 1. A condensed view of all annotations is provided in the 
inset. Prb homologs were the largest found in the Genbank database for that species and have 
the following accession numbers: Insect: CAA45271.1 (D.m., Drosophila melanogaster), 
EEZ99256.1 (T.c., Tribolium castaneum), KDR19417.1 (Z.n., Zootermopsis nevadensis); 
Crustacean: EFX86812.1 (D.p., Daphnia pulex), ALB00313.1 (P.n., Paracyclopina nana); 
Myriapod: AF435003_1 (*L.a., Lithobius atkinsoni); Arachnid: EEC15648.1 (I.s., Ixodes 
scapularis). NCBI sequences described as partial proteins are denoted with an asterisk.
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Appendix 4.23 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 
Appendix 4.23 (Continued) 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 
Appendix 4.23 (Continued) 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   
Appendix 4.24: Amino acid alignment of putative H. limbata Deformed (Dfd) with homologs 
from seven additional arthropod species. The Homeodomain (blue) and Coiled coil (light 
green) were identified in SMART v7.0. A condensed view of all annotations is provided in the 
inset. Dfd homologs were the largest found in the Genbank database for that species and have 
the following accession numbers: Insect: AAF54083.2 (D.m., Drosophila melanogaster), 
XP_008201238.1 (T.c., Tribolium castaneum), XP_001946891.2 (A.p., Acyrthosiphon pisum); 
Crustacean: EFX86808.1 (D.p., Daphnia pulex), AGC12520.1 (P.h., Parhyale hawaiensis); 
Myriapod: CAJ56094.1 (G.m., Glomeris marginata); Arachnid: BAI83408.1 (P.t., 
Parasteatoda tepidariorum).
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Appendix 4.24 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Appendix 4.24 (Continued)
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 
Appendix 4.24 (Continued)
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   
Appendix 4.25: Amino acid alignment of putative H. limbata Antennapedia (Antp) with 
homologs from four additional arthropod species. The YPWM motifs (yellow) and 
Homeodomains (blue) were identified in SMART v7.0. A condensed view of all annotations is 
provided in the inset. Antp homologs were the largest found in the Genbank database for that 
species and have the following accession numbers: Insect: NP_996175.1 (D.m., Drosophila 
melanogaster), NP_001034505.1 (T.c., Tribolium castaneum), KDR11585.1 (Z.n., 
Zootermopsis nevadensis); Crustacean: BAE96999.1 (A.f., Artemia franciscana) ALB00318.1 
(P.n., Paracyclopina nana); Myriapod: CBK55568.1 (*G.m., Glomeris marginata); Arachnid: 
CCE45703.1 (P.t., Parasteatoda tepidariorum). NCBI sequences described as partial proteins 
are denoted with an asterisk.
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Appendix 4.25 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 
 
Appendix 4.25 (Continued) 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   
Appendix 4.26: Amino acid alignment of putative H. limbata Abdominal-A (AbdA) with 
homologs from seven additional arthropod species. All annotated domains and motifs were 
identified in SMART v7.0 and are shown via colored highlights: yellow, YPWm motif; green, 
TDWM motif; blue, homeodomain; purple, UbdA peptide. A condensed view of all 
annotations is provided in the inset. AbdA homologs were the largest found in the Genbank 
database for that species and have the following accession numbers: Insect: NP_732176.1 
(D.m., Drosophila melanogaster), EEZ99248.1 (T.c., Tribolium castaneum) CDI44539.1 
(O.c., Orchesella cincta); Crustacean: AKM12293.1 (L.v., Litopenaeus vannamei), 
AGC12522.1 (P.h., Parhyale hawaiensis); Myriapod: ABD16213.1 (S.m., Strigamia 
maritima); Arachnid: XP_015930560.1 (P.t., Parasteatoda tepidariorum).
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Appendix 4.26 
MTSKF - I DSMLPKYQSE - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - TASSVVNYSQSAA
MSKFV - FDSMLPKYPQFQP F I SSHHL T T TPPNSSSAAVAAALAAAAASASASVSASSSSN
MSSKF I I DSMLPKYHQQ - - - - - FHHQQL - - - - - - - - - - - - - - - FQSA T TEAPAAYSSSSP
MNSKF - I DSMLPKYGQG - - - - - - - - - - - - - - - - - - - - - - - - - - - DGSGGNSAVNYSSA - -
MSSNY - I DS I L PKYQAD - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - SAANLVNYN - - - -
MSSNY - I DS I L PKYQAD - - - - - - - - - - - - - - - - - - - - - - - - - - - - - SSASNLVNYN - - - -
MSSN F - I DSMLPKYQSE - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - SGAVVNYS - - - -
MSK F I - I DSMLPKYHQQ - - - - - YHHQL LNP - - - - - - - - - - - - V I T SGSDSSAVNYSS TA T
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
NNSSNT I AGSNTSNTNNSSSSPSSSSNNNSNLNLSGGS LSPSHLSQHLGQSPHSPVSSSS
SGSS - - - - - - - - - - - - PQHSSSSAS - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
NNSS - - - - - - - - - - - - SSSNSPPPS L - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
P FQQHHPQVQQQHLNHQQQQHLHHQQQQHHHQYSS LSAALQLQQQQHH I SK LAAAAVASH
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - AQHHARMY - - - - - - - - - - - - PYVSMGTPHQQ
GHAHQQL L L TPPSAGNSQAGDSSCSPSPSASGSSS LHRS LNDNSPGSASASASASAASSV
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - T SPAARMY - - - - - - - - - - - - PYVSAAHHHHQ
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - VAAAARMY - - - - - - - - - - - - PYVSMGQQSP F
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - SQARSMY - - - - - - - - - - - - PYVSV TSHQ - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - SQNRSMY - - - - - - - - - - - - PYVSV TSHQ - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - PHQPRMY - - - - - - - - - - - - PYV TVPHQ - - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - VSSASRMY - - - - - - - - - - - - PYVAAHHHHGQ
AAA - AAAFGAAAAASS TM - - - - - - - VP - F SSS LAA - - - - AAASAGDA - - - GDKSC - RYSN
AAA - AAAA - - AAAASSS FA I P TSKMYPYVSNHPSSHGGLSGMAGF TGL - - EDKSCSRY TD
AAA - - AA F - - GAAASGSM - - - - - - - VPS FSS TASS - - - - A LAAAVDAA - - TDKSC - RY TA
AAA - AAAA - - AVAASGGL - - - - - GGVG - FGSP LGA - - - - - - - - GGDG - - - NDKAS - RYNS
- - - - - - - - - L SANAPSNM - - - - - - - SP - F SAMTAT - - - - TD - - - - - - - - - AEKQC - RYSQ
- - - - - - - - - LASNVASNM - - - - - - - SP - F SAMAAS - - - - AD - - - - - - - - - SDK TC - RY TQ
- - - - - - - - - - T SVSSATC - - - - - - - VP - YCSNPAE - - - - - - - - - - - - - - - LGKSC - RYSN
QAAGLAAF - - AGAAPGGM - - - - - - - GA - FSSPSSA - - - - A LAAVVDAATGGDKSC - RY TG
- - - - PA TGLSADSMVNY T LS - - - HA - - - - AAAQNGAS T TS TMAAAAQFYHQAAAASD - - -
- - - - - - - - - - - T VMNSY - - - - - - - - - - - - - - - QSMSVPASASAQFAQFYQHATAAASAVS
- - GLAANV TPADSMVNY T LGQHHHNGAAVSAASSVSAASASMAVAAQFYHQAASAV - - - -
- - - - - - APSVADSMVNY T LA - - ANA - - - - AAGHNSAAAAAG I AAAAQFYHQAAVAAS - - -
- - - - - - - - TGA TDMSQYGLN - - - - - - - - - - - LQNC - - - - A T TSNMAQY FHQNNA - - - - - -
- - - - - - - - SGA TDMSQYGLN - - - - - - - - - - - LQNC - - - - A T TSNMAQY FHQSNA - - - - - -
ENSSEAAAAAAAAAANYS I N - - - - - - - - - - - LQNCAASATSMVSPSQFYHHAGAE - - - - -
- - - - - - NVP TADSMVNYS LH - - HQN - - - - S TSSSVSAASASMAAAAQFYHQAAAAS - - - -
- - - - - - - PSNP L - TSCSQ - - - - - - - - - - - T PGQP I PD I PRYPWMS I - - - - - - - - - - - - - -
AASAGA I GVDS LGNACTQPASGVMPGAGGAGGAG I AD LPRYPWMT L - - - - - - - - - - - - - -
- - - - - - - - VDP L - NSCSQPA - - - - - - - - APGGQP I PD I PRYPWMS I - - - - - - - - - - - - - -
- - - - - - - GGDHLGNQCGQ - - - - - - - - - - - - GGQGLPDLPRYPWMA I PGSDAHRNMDSATR
- - - - - - - - TNP L - NSCSQP T - - - - - - - - - AP TPH I PD I PRYPWMS I T - - - - - - - - - - - - -
- - - - - - - - TNP L - NPC TQP T - - - - - - - - - APSPH I PD I PRYPWMS I TDCSGLQQL - S LSQ
- - - - - - - - ANS L - NSCSQPV - - - - - - - - - - - NNPAPD I PRYPWMS I - - - - - - - - - - - - - -
- - - - - - - - ADP L - SSC T TQV - - - - - - ASAATGQPMPD I PRYPWMS I - - - - - - - - - - - - - -
- - - - - - - - - - - - - - - - - - - TDWM - SP F - - - - - DRVVCDMS FV TGPNGCPRRRGRQTY TR F
- - - - - - - - - - - - - - - - - - - TDWMGSP F - - - - - ERVVCGD - - FNGPNGCPRRRGRQTY TR F
- - - - - - - - - - - - - - - - - - - TDWM - SP F - - - - - DRVVC - - - - - - GPNGCPRRRGRQTY TR F
RS FE - - - - - - - - - - - - - - MEQFY - SPY L LEKQHRADLDC -WT TGPNGCPRRRGRQTY TR F
- - - - - - - - - - - ENQWRGL TANWNGLPW - - N FGA - - - - - - - - LRGPNGCPRRRGRQTY TR F
NGRGMS F LGA I ENQWRGLAANWNGLPW - - SPE LRQGS L L - - EKSPNGCPRRRGRQTY TR F
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - TGPNGCPRRRGRQTY TR F
- - - - - - - - - - - - - - - - - - - TDWM - SP F - - - - - DRVVCGM - - L PGPNGCPRRRGRQTY TR F
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Appendix 4.26 (Continued)
QT LE LEKE FH FNHY L TRRRR I E I AHA LC L TERQ I K I WFQNRRMKLKKE LRAVKE I NEQAR
QT LE LEKE FH FNHY L TRRRR I E I AHA LC L TERQ I K I WFQNRRMKLKKE LRAVKE I NEQAR
QT LE LEKE FH FNHY L TRRRR I E I AHA LC L TERQ I K I WFQNRRMKLKKE LRAVKE I NEQAR
QT LE LEKE FH FNHY L TRRRR I E I AHA LC L TERQ I K I WFQNRRMKLKKE LRAVKE I NEQAR
QT LE LEKE FH FNHY L TRRRR I E I AHA LC L TERQVK I WFQNRRMKLKKE LRAVKE I NEQVR
QT LE LEKE FH FNHY L TRRRR I E I AHA LC L TERQVK I WFQNRRMKLKKE LRAVKE I NEQVR
QT LE LEKE FH FNHY L TRRRR I E I AHA LC L TERQ I K I WFQNRRMKLKKEMRAVKE I NEQAR
QT LE LEKE FH FNHY L TRRRR I E I AHA LC L TERQ I K I WFQNRRMKLKKE LRAVKE I NEQAR
REREEQERLKQQQQQQQD - - - KAAKQHAEQLQQ - - - - A TK L - - AMDKAL I GGDL I KGKY -
RDREEQEKMKAQE TMKSAQQNKQVQQQQQQQQQQ - - - QQQQ - - QQQHQQ - QQQQPQDHHS
REREEQERHKQQQQEKQQ - - - K I EQQTHSS I HQHHHDPMKM - - S LDKSG - GSDL LKA - - -
REREEHDKHKPRDSSSKGDRDRDEKNSKDSGKSSGGSSSSN - - GGSSSS - GSSS LKDHHS
REREEQEKLKQQQDDKKT - - - - - NKDQASAGNTP - - - - - - - - - - - - - - - - AGAATNASSS
REREE TEKMKEKEKTKDT - - - ASNSSSASS TNGS - - - - - - - - - - - - - - - - NGATNNNTSN
REAAEKEKQQREVEGRAA - - - - - AASS TSHGSP - - - - AHSV - - KGTVAP - PSS I PKMESS
REREEQDRMNKEKQAK I G - - - - - - SESGGGQHHQ I HDPHKMMGGLDKSS - GQDL LKA - - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
I I A - - - - - - - - - - - - - HNPGHLHHSVVGQNDLKLGLGMGVGVGVGG I GPG I GGGL - GGNL
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
VHASGLG - - GVGSMP TNENGKLPMGLGGL TGMGLP LGLGNGDALGGMA - GLGGGLVGGGM
SSS TSSASAGGGAGD - TKAAT - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
ANS LS LSSNGGPDTP - TNPPP I HGG - - - - - - - - - - - - - - - GGD I GGGGLSVDG - - - - - - -
CCSSGSSSNGGGSGP - NSRSESPKG - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - I DC - - - I
GMMSALDKSNH - - - - - - - - - D L LK - - AVSKVNS - - - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - VSKVP T - - - -
GGLAGLGRLNHGSSPSGSADS LMKDDR I SP I DSPPPK
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - K I V T - - - -
- - - - - - - - - - - - - - - - - - - - - - - - - - - - - K TH T - - - -
- - - - - - - - - - - - - - - - - - - - - - - - - - VV TKVP T - - - -
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Appendix 4.27: Amino acid alignment of putative H. limbata Abdominal-B (AbdB) with 
homologs from seven additional arthropod species. The homeodomain (blue) and coiled coil 
region (light green) were identified in SMART v7.0. A condensed view of all annotations is 
provided in the inset. AbdB homologs were the largest found in the Genbank database for that 
species and have the following accession numbers: Insect: CAB57859.1 (D.m., Drosophila 
melanogaster), KYB29151.1 (T.c., Tribolium castaneum), JAQ13167.1 (L.h., Lygus 
hesperus); Crustacean: AGC12524.1 (P.h., Parhyale hawaiensis), ALB00321.1 (P.n., 
Paracyclopina nana); Myriapod: ABD16214.1 (S.m., Strigamia maritima); Arachnid: 
AGV52782.1 (A.l., Archegozetes longisetosus).
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Appendix 4.27
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Appendix 4.27 (Continued)
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Appendix 5: Protocols
Eckman Dredge Soil Sampling
1. Measure the length your collection site is from the shore.
2. Force the eckman dredge into the sediment, avoiding sticks and rocks where possible.
3. Pull up the dredge quickly; water and sediment drains quickly!
4. Empty the dredge contents into a container.
5. Mix contents thoroughly to break up sediment and then take a cup sample.
6. Cover the cup sample with parafilm and store in a spill-proof place.
7. Take the remaining sediment and place on a filter to collect any H. limbata nymphs. 
8. Place all collected nymphs into a conical tube marked with the collection site location.
9. Continue to the next collection site.
Mapping Collection Sites
Mark a series of locations X distance from the shore Y distance apart from each other via two 
methods:
1. Attach flags to usable markers.
2. Log collection sites electronically via a GPS system.
 116
Dissection & Rearing Tips for Mayflies
Large Nymph Dissections:
1. For all cuttings, use a very fine point knife, such as an Acro knife. Though messier and more 
tedious, fine point insect pins can also be used.
2. Specimens can be preserved in ethanol; however, evaporation can become a nuisance in cases 
of long term storage (around > 2 weeks).
3. When dissecting, avoid cutting open the gut—the contents will dirty the gills and     
gnathal segments. One possibility is to carefully slice laterally along the 
abdomen to remove the gills on 2 strips, which can then be sorted into left/right side containers. 
The head can then be removed, avoiding issues with the gut.
Conversely, bisect the thorax, remove the gut, and move the head and abdomen to new 
containers.
Egg Rearing
1. Set aside a large container of distilled water and let age for at least 24 hours.
2. Wash freshly collected eggs in 10% bleach/90% aged distilled very briefly, then rinse 
repeatedly. 
3. Store the eggs in dishes, etc. with aged distilled water. 
For eggs at room temperature, change the water and stir the eggs every 2-3 days.
For eggs in the fridge, change the water and stir the eggs every 3-7 days.
Rearing Hatchlings & Early Instars
1. Unless trying to rear en mass, do not place the nymphs in any substrate.
2.   Generally, remove hatchlings from the dish with their eggs—released yolk material quickly 
forms a bacterial matt that traps nymphs.
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Sketching Tips for Mayflies
1. Use Image J  Image > Stacks > Images to Stack to stack up to 3 images with a range of 
focuses.
2. Use Image > Stacks >  Z Project to combine them.
3. Place the image into Gimp and use pencil tool (size 1.0) to draw all edges and features.
4. Use Filters > Edge Detect > Difference of Gaussians to prepare an outline. Set the 
Gaussian settings to use Radius 1 (at about 50), Normalize, and Invert.
5. Use Black&White to remove background (Image > Mode > Indexed) 
6. Clean up image with eraser and pencil to finish the sketch!
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Preparing Young Nymphs for Molecular Procedures
1. Always keep a cup of distilled water (dH2O) in the fridge; chilling times are greatly extended 
otherwise.
2. If none are available, make some pulled pasture pipettes.
3. Move the cooled dH2O to the freezer.
 
4. Place the hatchling container under a focused, bright light source (e.g., the overhead light of a 
dissecting scope).
5. Once the nymphs have gathered at the light, use a pasture pipette to collect them and place 
into a 1.5mL microcentrifuge tube.
6. Check to see if the cooled dH2O has begun to form ice; if so, place the nymphs in the freezer 
for ten minutes.
7. Remove both the nymphs and the iced dH2O. The nymphs should be settled on the bottom 
of the tube; if not, re-chill for another 5 minutes.
8. Remove the water in the nymph tube and add ice-cold dH2O. Let the nymphs settle, then 
repeat 2X to rinse.
For RNA Applications
9. Add ice-cold dH2O to nymphs and immediately take to the RNA prep bench.
10. Using the RNA P1000 pipette (wear a glove!), pipette the nymphs into a PCR-grade 1.5mL 
microcentrifuge tube.
11. Use the P1000 to remove the dH2O (chill nymphs in the wet-lab freezer if necessary).
12. Proceed to downstream applications.
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In Situ Mayfly Fixation (embryos and hatchlings)
(For IHC, reagents need not be RNase free)
Preparing Specimens
1. Mark each clean 1.5mL microcentrifuge tube with the date, time fixed, and FIX number. 
Because the fixative can remove ink, be careful when touching the lid. 
2. Pre-make 1mL of 1.33X + 0.066M EGTA solution by adding 133ul of PBS to 134ul of EGTA 
and 733ul dH2O
3. place eggs in strainer and rinse repeatedly with RNase free PBTw. 
4. Soak eggs in 50% bleach for 6 minutes to soften the chorion.
5. Rinse eggs at least 5X with RNase free PBTw. Keep washing until the smell of bleach is 
gone.
6. Transfer eggs or hatchlings to the 1.5mL microcentrifuge tube.
7. If working with nymphs, clean them by washing with dH2O (see Hatchling 
Preparation Protocol).
Making the 9.16% Formaldehyde Fixative
Generalized ratios = 1 unit formaldehyde : 3 units PBS : 0.04 units 10% Tween
1. For 1208ul (about one 1.5mL microcentrifuge tube):
1. Add 600ul of 1.33X PBS + 0.066M EGTA
2. Add 200ul of 37% Formaldehyde
3. Add 8ul of RNase free 10% Tween
2. Overlay the fixative / specimen mix with 400ul heptanes
3. Place on the Fisher Scientific Pulsing Vortex Mixer at 1000 rpm for 30 minutes 
4. Remove heptanes (top cloudy layer) into heptane waste container.
5. Remove the fixative (bottom layer) into formaldehyde waste container.
6. Wash three times in RNase free PBTw.
7. (optional) Freeze at -20 C in 100% Methanol for long-term storage. 
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Mayfly Fixation Protocol (larger nymphs)
Preparing Specimens
1. Mark each 1.5mL microcentrifuge tube with the date, time fixed, and voucher number. 
Because the fixative can remove ink, be sure to record this info on your datasheet.
2. Rinse nymph with distilled water to remove dirt, etc.
3. Transfer nymph to a clean 1.5mL microcentrifuge tube.
Making the Formaldehyde Solution
Generalized formula: 1 formaldehyde : 3 PBS : 0.04 10% Tween
1. For 1208ul (about one 1.5mL microcentrifuge tube):
1. Add 600ul of 1.33X PBS + 0.066M EGTA
2. Add 200ul of 37% Formaldehyde
3. Add 8ul of RNase free 10% Tween
Fixing Specimens
1. Mix formaldehyde solution in the 1.5mL microcentrifuge tube, then add a nymph.
2. Overlay the solution / nymph mix with 500ul heptanes
3. Place on the Fisher Scientific Pulsing Vortex Mixer at speed 1000 for at least 30 minutes. 
Longer is probably necessary.
4. Remove heptanes (top cloudy layer) into heptane waste container.
5. Remove formaldehyde and PBTw (bottom layer) into formaldehyde waste container.
6. Wash 3 times in PBTw (add 990ul PBS and 10ul 10% Tween) by gently inverting the 1.5mL 
microcentrifuge tube.
7. (optional) Freeze in 100% Methanol for long term storage.
Adapted from:
O’Donnell, B. C., & Jockusch, E. L. 2010. The expression of wingless and Engrailed in 
developing embryos of the mayfly Ephoron leukon (Ephemeroptera: Polymitarcyidae). 
Development, Genes, and Evolution. 220 (1-2): 11-24.
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Storing Specimens
1. Once finished with a specimen, collect all remaining tissues and place them in a:
 Orange capped vial (DNA extraction specimens).
Scientilation Vial (Whole-body DNA preservations and Morphology specimens)
1.5mL microcentrifuge tube (RNA and Fixed specimens)
2. Fill the container as follows:
Nothing (RNA specimens)
100% Ethanol (for Whole-body DNA preservations and DNA extraction specimens)
70% Ethanol (for Morphology specimens)
100% Methanol (for Fixed specimens that will be used in IHC protocols)
3. Record keeping
For Whole-body DNA preservations and Morphology specimens, record the following on
a tag of suitable size using an archival ink pen:
Taxonomy (Genus, species)
Gender (if applicable)
Developmental Stage / BWP status
Size (if applicable)
Date Collected
Place collected from
Collected by:
 
For DNA extraction specimens or RNA, Protein, and Fixed specimens, record the following on 
the orange capped vial or 1.5mL microcentrifuge tube:
Date
Voucher name, as follows:
#PSU (for DNA extraction specimens)
A# (for RNA specimens)
B# (for Protein specimens)
F# (for Fixed specimens)
Time fixed (if applicable)
4. Store specimens in
The general lab freezer (DNA extraction and Fixed specimens) 
Research cabinet (Morphology specimens) 
The wet-lab freezer (RNA and Protein specimens, Whole-body DNA preservations)
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Mayfly Egg Sonication
1. Take a sample of the eggs and place in small petri dish of PBTr. 
2. Turn on sonicator and dip dish into water for about 20-30 sonic pulses, swirling dish to 
    ensure that eggs do not just “bunch” at the bottom.
3. Check the eggs under a dissecting scope for structural damage. Embryos without the 
    chorion are more prone to damage, so be careful once many embryos are free of it!
4. Embryos free of egg membranes should be segregated into a 9-well plate. 
5. Repeat sonication until sufficient embryos are obtained.
7. Remaining eggs can be washed 3X , then stored, in 100% methanol and placed back in the 
    freezer. Make sure a new micro-centrifuge tube is used. 
IN SITU PROTOCOL: follow the same steps, but use RNase free PBTw and RNase free 9-
well plates.
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Horseradish Peroxidase Mayfly IHC
Step the samples out of MeOH and into Phosphate-Buffered Saline+Triton-100X (PBTr) 
1. Remove the MeOH and wash the sample with 1mL of 80% MeOH (20% PBTr). 
Shake gently, then remove the wash. Repeat 1X.
2. Remove the 80% MeOH and wash the sample with 1mL of 60% MeOH (40% PBTr). 
Shake gently, then remove the wash. Repeat 1X.
3. Remove the 60% MeOH and wash the sample with 1mL of 20% MeOH (80% PBTr). 
Shake gently, then remove the wash. Repeat 1X.
4. Remove the 20% MeOH and wash the sample with PBTr. 
Shake gently, then remove the wash. Repeat 2X
Antibody Staining of Samples 
5. Block the sample in 2% BSA in PBTr for 30min. 
6. Prepare the primary antibody by making an aliquot (1-5 ug/ml) diluted in blocking 
buffer. Mix well, then spin in the microfuge.
7. Incubate the sample overnight at 4C in the primary.
8. Remove the primary antibody (save in the fridge for later use), and wash the sample 6X with 
PBTr. For each wash, incubate the sample on a rocker for 10min.
9. Prepare the secondary antibody (horseradish peroxidase) by making a 1:500 dilution aliquot 
in blocking buffer. Shake well.
10. Incubate the sample in the secondary antibody for 2 hours at room temperature.
11. Remove the secondary antibody and wash the sample 6X with PBTr. For each wash, 
incubate the sample on a rocker for 10min.
12. Equilibrate sample in 1Xhp buffer via 4X washing for 20min.
13. Develop sample in a 1:10 DAB solution in 1XHP buffer for 15min. at room temp.
14. Rinse embryos in PBTr 3X for 10min. 
15. Stain with 1:1000 DAPI for 5min. at room temp. 
16. Rinse 5X PBTr, then store in 80% glycerol.
Adapted from: O’Donnell, B. C., & Jockusch, E. L. 2010. The expression of wingless and 
Engrailed in developing embryos of the mayfly Ephoron leukon (Ephemeroptera: 
Polymitarcyidae). Development, Genes, and Evolution. 220 (1-2): 11-24.
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Fluorescent Mayfly IHC
Step the samples out of MeOH and into Phosphate-Buffered Saline+Triton-100X (PBTr) 
1. Remove the MeOH and wash the sample with 1mL of 80% MeOH (20% PBTr). 
Shake gently, then remove the wash. Repeat 1X.
2. Remove the 80% MeOH and wash the sample with 1mL of 60% MeOH (40% PBTr). 
Shake gently, then remove the wash. Repeat 1X.
3. Remove the 60% MeOH and wash the sample with 1mL of 20% MeOH (80% PBTr). 
Shake gently, then remove the wash. Repeat 1X.
4. Remove the 20% MeOH and wash the sample with PBTr. 
Shake gently, then remove the wash. Repeat 2X
Antibody Staining of Samples 
5. Block the sample in 2% BSA in PBTr for 30min. 
6. Prepare the primary antibody by making an aliquot (1-5 ug/ml) diluted in blocking 
buffer. Mix well, then spin in the microfuge.
7. Incubate the sample overnight at 4C in the primary.
8. Remove the primary antibody (save in the fridge for later use), and wash the sample 6X with 
PBTr. For each wash, incubate the sample on a rocker for 10min.
9. Prepare the secondary antibody (Alexaflour) by making a 1:500 dilution aliquot in blocking 
buffer. Shake well and keep in the dark.
10. Incubate the sample in the secondary antibody for 2 hours at room temperature in the dark.
11. Remove the secondary antibody and wash the sample 6X with PBTr. For each wash, 
incubate the sample on a rocker for 10min.
12. Stain with 1:1000 DAPI for 5min. at room temp. 
13. Rinse 5X PBTr.
14. Remove any wash from the sample and add Vectashield. Either wrap the tube in 
aluminum foil and store in the freezer, or image immediately.
Adapted from:
O’Donnell, B. C., & Jockusch, E. L. 2010. The expression of wingless and Engrailed in 
developing embryos of the mayfly Ephoron leukon (Ephemeroptera: Polymitarcyidae). 
Development, Genes, and Evolution. 220 (1-2): 11-24.
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Mayfly ISH (in progress)
(To date, H. limbata ISH has not produced quality staining; 
protocol troubleshooting may be required.)
Day 1 (RNase Free!)
[PREQUEL: embryos must be in RNase free PBTw and placed in an RNase free 9 well plate 
after sonication.]
2. Warm hybridization buffer to 56C (60C in Tribolium)
3. Incubate samples in an eppie in Hyb. buffer at 56C for 5h to overnight
4. Aliquot riboprobes to 3 eppies (SP6, T7, no-probe) Pretreat the volume of riboprobe for 
5min. at 80C in dry block.
4. Move samples back into a well, then split the embryos into three groups (sense, anti-sense, 
and no-probe only).
5. Move each embryo group to the specific riboprobe eppie (SP6, T7, no-probe).
6. Incubate groups in diluted riboprobes at 56C  (60C in Tribolium) for > 18h.
Day 2 (End of Riboprobe hybridization and thus RNA-free strigency).
7. Transfer groups to a RNase free 9-well dish and quickly wash 5X in 56C plain hybridization 
buffer.
8. Conduct 4X 30-minute washes (25 min. in Tribolium) in plain hybridization buffer at 56C.
9. Soak groups overnight in plain hybridization buffer at 56C.
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Day 3
10. Rinse embryos 5 times in 56C 2XSSC+CHAPs in RNase free 9-well plate.
11. Rinse groups in 56C 2XSSC+CHAPs (0.1%) for 1.5h at 56C in a fresh eppie.
12. Rinse embryos 5X in 56C 1XSSC+CHAPs (0.1%) in 9-well plate.
.
13. Rinse groups in 56C 1XSSC+CHAPs (0.1%) for 1.5h at 56C in a fresh eppie.
12. Rinse groups 5 times in room temperature RNase free PBTw in 9-well plate.
13. Incubate groups in 1:1500 dilution of anti-digoxygenin-labeled Fab fragments in 2% 
      bovine serum albumin+PBTw for 2h at room temperature.
14. Wash groups 6X for 10 minutes each in RNase free PBTw.
15. Transfer the samples into a clean 9-well plate.
15. Rinse samples 4 times in AP buffer.
15. Equilibriate groups for 15 minutes at room temp. in alkaline phosphatase buffer (AP): 
1. 100 mM Tris–Cl,
2. 100 mM NaCl 
3. 50 mM MgCl2 
4. 0.1% Tween, pH9.5 
(kept in fridge)
16. Add 200ul of developing solution (BCIP/NBT) to each sample.
17. Check samples every 5 minutes for the first 25min. for developing signal. Watch for signal 
and background development—leave overnight only if necessary.
18. Rinse groups 5 times in PBTw to stop developing.
18. Counterstain groups with 1:1000 DAPI  in RNase free PBTw for 5min. at room temp.
19. Rinse 5X PBTr, then store in 80% glycerol at -20C
Adapted in part from: O’Donnell, B. C., & Jockusch, E. L. 2010. The expression of wingless 
and Engrailed in developing embryos of the mayfly Ephoron leukon (Ephemeroptera: 
Polymitarcyidae). Development, Genes, and Evolution. 220 (1-2): 11-24.
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RNAi Protocol (in progress)
(To date, H. limbata RNAi has not produced confirmed knockdowns; protocol troubleshooting 
may be required.)
Egg Preparation 
1. To improve permeability of the egg membrane, make a 1:1 solution of bleach and distilled 
water, then soak the eggs in it for 30 seconds.
2. Rinse the eggs rapidly at least 5 times (or until the smell of bleach is gone) with distilled 
water. When observed under a dissecting microscope, the outside coating of most eggs should 
appear cracked or chipped. Proceed immediately to the desired dsRNA exposure method.
dsRNA Exposure Method #1: Microinjection
1. Prepare the following:
Micro-needles
— Glass capillary tubes (borosilicate or aluminosilicate) can be used for making micro-
     needles. The needed Outer Diameter (O.D.) of your capillary tubes depends upon 
     your microinjector setup; for the FemtoJet 4i with a Grip Head 0, an O.D. of 1mm is 
     sufficient.
— A pipette puller can be used to make micro-needles. If using the Sutter P-30 pipette 
     puller, record the Pull and Temp settings when making needle tips.
Working injection solution
Use the dilution equation (c1v1 = c2v2) to dilute the following into a final 
working solution with a volume such as 20ul:  
— dsRNA to your desired concentration (e.g., 1000ng/μl) 
— Injection buffer from 50X to 1X
— Food dye to a 1:20 dilution 
dsRNA Exposure Method #2: dsRNA Soaking
1. Use the dilution equation (c1v1 = c2v2) to dilute the following into a final working solution 
with a volume sufficient to cover embryos within a 1.5mL microcentrifuge tube:
— dsRNA to your desired concentration (e.g., 1000ng/μl) 
— Injection buffer from 50X to 1X
2. Allow the embryos to incubate in the dsRNA solution overnight at room temperature.
3. After incubation, gently wash the embryos in distilled water and proceed to downstream 
applications.
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Recipes and Reagents
— Microinjections were done on a FemtoJet 4i; hence injection parameters and methods may 
vary with different instruments.
— Sodium Phosphate Buffer (10mL, pH 7.6 at 25 ̊C)
1.0M Na2HPO4 8.5mL
1.0M NaH2PO4 1.5mL
— 50X Injection Buffer (1mL, pH 6.8)
0.1M Sodium Phosphate Buffer 50μL 
0.5M KCl 500μL
Nuclease-free Water 450μL
Store at 4C for up to one year.
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TRIzol+RNeasy Combined RNA Extraction Protocol 
(small samples)
Sample Preparation
1. Small sample is either 0.1mL of embryos/hatchlings (in water), a whole-body small nymph 
(e.g. < ), or a body component of a < 15mm nymph (e.g. the abdomen).
2. Wash all samples with distilled water. See “Hatchling Nymph Preparation Protocol” for 
details on handling hatchlings.
TRIzol
1. Place sample in a PCR grade 1.5mL microcentrifuge tube.
2. In a fume hood, add 300ul of TRIzol and homogenize manually via 100 circular strokes.
3. Incubate for 5min.
4. Add 60ul chloroform, and incubate for 3min.
5. Centrifuge sample for 15min. at 12,000g
6. Take 120ul of the aqueous phase and add to a 1.5mL microcentrifuge tube.
RNeasy Kit
7. Add 1.0 volume 70% ethanol and mix via pipetting.
8. Transfer the solution to a RNeasy Spin Column with Collection Tube.
9. Centrifuge for 15sec. at 12,000g (set centrifuge for 1min. and turn off manually). Discard 
flow-through via pipetting.
10. Add 700ul of RW1 buffer, then centrifuge for 15sec. at 12,000g. Discard flow- through via 
pipetting.
11. Add 500ul of RPE buffer, then centrifuge for 15sec. at 12,000g. Discard flow-through via 
pipetting.
12. Add 500ul of RPE buffer, then centrifuge for 2min. at 12,000g. Discard flow- through and 
collection tube.
13. Use a new collection tube to centrifuge for 1min. at 12,000g. Discard flow-through and 
replace collection tube with a 1.5mL microcentrifuge tube.
14. Add 30ul of TE Buffer to the RNeasy Spin Column and centrifuge for 1min. at 12,000g.
15. Quantify RNA [ ] and purity via the DNA & RNA Analysis Protocol.
16. Store eluted RNA at -80C, or proceed to downstream application.
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Nanodrop Protocol (for nucleic acids)
1. Go to the Nanodrop room 
2. Add 3-5ul of deionized water to the nanodrop pedestal and let sit for 2-3 minutes.
3. GENTLY wipe the nanodrop pedestal clean with a dry Kim Wipe.
4. login on the computer and open nanodrop 2000
5. Click “nucleic acid” and set the program to either “DNA” or “RNA”
6. Add 1ul of resuspension fluid (such as elution buffer) on the nanodrop pedestal.
7. Click “blank.”
8. Once blanking is complete, click “Read.”
9. wipe the nanodrop pedestal clean with a dry Kim Wipe.
10. If you obtained a mostly horizontal line, proceed to the next step.
11. Type in the name of your sample in the ID box.
12. Add 1ul of your sample and click “Read.”  
13. Once the reading is complete, use the Kim Wipe to dry the pedestal.
14. For any additional samples, repeat steps 11-13. Once done, replicate steps 2-3.
Interpreting Results:
Look for concentration (ng/μl), the 260/280 value, and the 260/230 value.
260/280 is a primary measure of purity
260/230 is a secondary measure of purity
for 260/280, good values are 1.80 or higher for DNA, 2.0 for RNA.
for 260/230, good values are 2.0-2.4.
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DNase Treatment and cDNA Synthesis
Turbo DNase Treatment
1. If the Nucleic Acid [ ] is greater than 200ng/μl, dilute the sample by adding TE buffer to 
reach 200ng/μl. 
2. If diluting was necessary, add 0.5ul of DNase; otherwise, add 1ul. Add 0.1 volume of DNase 
Buffer to the RNA sample and incubate in a dry block for 30min.
3. Mark each DNase aliquot to indicate one freeze-thaw cycle before putting back in freezer.
4. If 0.5ul DNase was added, add another 0.5ul of DNase to the RNA sample and incubate for 
another 30min.
5. Add 0.1 volume (but not less than 2ul) of DNase Inactivation Reagent and mix 2-3 times by 
flicking during a 5min. incubation. Incubate at temperatures > 26C
6. Nanodrop DNase treated RNA.
iScript Select cDNA Synthesis
1. Remove the following from the freezer so they can thaw:
5x iScript select reaction mix
Oligo(dT)20 primer and random primer
iScript reverse transcriptase
2. Calculate how many ng of RNA is desired, and thus how much TE is needed.
3. Add the calculated amount of TE buffer to a PCR reaction tube.
2. Add 4ul of the reaction mix and 1ul of the reverse transcriptase to the PCR tube.
3. Add 1ul of Oligo(dT)20 primer and 1ul of random primer to the PCR tube.
4. Add the desired amount of RNA sample to the PCR reaction tube. 
5. Place the tube in the Thermal Cycler and start the iScript program, as thus:
5 minutes at 25C
30 minutes at 42C 
5 minutes at 85C 
Hold at 4C (optional)
5. Nanodrop cDNA
6. Store sample at -20C.
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TOPO TA Cloning Kit in E.coli
Cloning clean PCR Products into the PCR ll-TOPO plasmid:
1. Remove the PCR product, salt solution, and SOC media from -20C, place at room temp.
2. Remove the ice box from -20C and make sure the vector tube is in it.
3. Remove E.coli cells (purple capped tube) from -80C and keep on ice.
4. Place plates (2 / PCR product) from fridge into 37C incubation, leaving the lids cracked.
5. Add 2ul of PCR product, 0.5ul of salt solution, and 0.5ul of TOPO vector (3ul total). 
Note: I halved the original formula (6ul total) to conserve PCR product and vector.
6. gently mix the solution by moving the pipette tip around.
7. Let solution sit at room temperature for 5 minutes.
Transforming E.Coli Cells with the TOPO Plasmid:
8. Add 2ul of your solution to the E.coli tube and gently mix by moving the pipette tip around. 
9. Incubate E.coli for 30 minutes on ice.
10. Heat shock the E.coli for 30s at 42C, then place immediately back on ice.
11. Add 250ul SOC media to the E.coli.
14. Incubate the E.coli for 1h at 37C on a shaker.
12. While E.coli are incubating, obtain the 2 LB plates from incubation and add 40ul of 40mg/
mL Xgal to each. Label each plate with the following:
Type of E.coli used & volume of E.coli to be added
Gene and species used in transformation
Date
13. Use a sterile bacterial spreader (sterilize with Ethanol and flame) to evenly spread Xgal 
      across the plate.
14. If using TOPO 10F’ cells: Add 40ul of 100mM IPTG (ready to use via Thermo IPTG 
Solution). Evenly spread across the plate.
15. Add 50ul of the E.coli to one plate and 200ul to another. Spread each with a sterile spreader.
16. Incubate the plates at 37C overnight (18-24h).
17. After incubation, store the parafilm-wrapped plates in the fridge or begin Colony PCR.
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LB Agar Plates for E.coli Protocol
(Formula for 30 plates)
1. Mix the following in a glass flask:
250mL dH2O
5.0g tryptone
2.5g yeast extract
5.0g NaCl
7.5g agar
2. Add more dH2O to bring the flask up to 500mL.
3. Cover the flask with aluminum foil place in an autoclave basin, and autoclave on 
    Liquid20 (about 1h).
4. Spray down lab bench with Ethanol to sterilize.
4. Obtain stock solution of Kanamycin (50mg/mL) from the fridge. If there is none, combine:  
0.05g Kanamycin powder
1000ul PCR grade H2O
sporadically vortex until all the powder dissolves (takes 20-30 min.)
5. Once autoclave is complete, remove the flask and let cool until it can be safely touched.
6. Add 500ul of stock Kanamycin (50mg/mL) to the LB Agar and mix well (final concentration 
= 
    50ug/mL).
7. Obtain sterile petri dishes.
7. Flame beaker lip, then pour plates (exact volume is not important, but try to avoid bubbles). 
    To prevent contamination, avoid removing the plate lids excessively.
8. Let plates solidify for ~20min. 
9. Turn plates upside down in order to prevent condensation on the agar. Label the plates with 
    content, date made, and any additives and their concentrations.
10. Store the plates in a bag at 4C.
Antibiotic Note:
Depending upon the protocol and intent, 50ug/mL (or in some cases, 20mg/mL) of Ampicillin 
can be used instead.
Plate use:
For gene cloning, use 3 plates: 2 to clone, 1 as a streak record. Antibiotic-treated plates should 
be used ideally within a week.
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Colony PCR
1. Obtain E.coli petri dishes from fridge and place a fresh LB plate in the incubator (37C).
2. Observe through the bottom of the plate your colonies. If they are not overcrowded, circle 
    and number the light blue / white colonies present (max = 17). Ignore dark blue colonies!
3. Obtain the warmed LB plate to make a streak record. On the bottom, divide the plate with a 
    sharpie into squares—each will be streaked with the corresponding colony from your original 
    plate.
4. Make your Master Mix (25ul):
10X PCR Buffer:       2.5ul dNTPs:          0.25ul
m13F (-20) primer:    1ul m13R primer:             1ul
Mg^+2          1ul Ex Taq:                        0.2ul
PCR grade H2O:        19.23ul
Multiply by #.25, where # = the number of colonies you plan to use + the water control.
Max number for our gels =  17 colonies + water control, so multiply by 18.25 at most.
5. Aliquot 25ul of the master mix into each PCR reaction tube (one for each colony).
6. Using the side of a 20-200ul pipette tip, carefully pick up colony #1 and place into the PCR 
    tube. Leave the tip in the PCR tube and move on to the next sample.
7. Once all tips are in the PCR tubes, take tip #1 and streak square #1 of the streak record 
    plate tip. Dispose of the tip in an appropriate waste container.
8. Repeat this process until all numbered colonies and corresponding record plate squares are 
    dealt with.
9. Run the colony PCR, as according to the TOPO TA Cloning protocols:
Initial denaturation: 2min.@94C
Cycle 25 times:
Denaturation: 1min.@94C Annealing: 1min.@55C
Extension: 1min.@72C Final Extension: 7min.@72C
10. There are two ways to handle the PCR products for subsequent sequencing. 
A. To sequence miniprepped plasmid DNA, run the above PCR products out on a 1% 
agarose gel. The desired band length is your gene amplicon + the amplicon of the plasmid m13 
primers (244bp). If good bands are obtained, Proceed to the “E. coli Miniprep Protocol.” (I 
recommend this option.)
B. To sequence this PCR product directly, run the products (about 50ul) out on a 1.1% 
agarose gel. If the proper 244bp+insert band is obtained, proceed to Gel Cleanup kits and 
procedures.
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E. coli Culture & Miniprep
Making the liquid culture broth
1. Obtain 1 sterile flask/tube (must be autoclaved!) for each culture desired.
2. Mix the following in a glass flask (for 37.5mL):
0.375g tryptone
0.1875g yeast extract
0.375g NaCl
3. Bring the flask up to 37.5mL with dH2O.
4. Cover the flask/tube with aluminum foil and autoclave on Liquid20 (about 1h).
5. Once autoclave is complete, remove the flask and let cool until it can be safely touched.
6. Add 37.5ul of stock Kanamycin to the LB Agar and mix well (final concentration = 50ug/
mL).
7. Distribute the broth equally among your culture tubes.
8. Use a sterile Inoculate each culture with 1 E. coli colony from your streak plate.
9. Grow the E.coli at 37C on a shaking table (200rpm) for 12-16h. Properly grown cultures 
should create a somewhat cloudy broth.
10. Short-term storage of cultures can be done at 4C. For long-term storage:
1. Obtain a autoclaved 1.5mL microcentrifuge tube
2. Add 150ul of autoclaved glycerol
3. Add 850ul of E. coli culture
4. Gently mix (gives a 15% Glycerol solution), then store at -20C for one year or -80C 
indefinitely.
Conducting the Miniprep (Via NucleoSpin Plasmid Quickpure Kit)
1. Check kit buffers, etc. before starting! Ensure that Ethanol has been added to A4 buffer and 
that any white precipitate in the A2 buffer has been dissolved.
2. Put up to 1.5mL of culture into a clean microcentrifuge tube.
3. Centrifuge the tube for 30sec. at 11,000g. 
4. Remove the supernatant and if necessary repeat steps 2 & 3 for a net processed volume of 
1-3mL.
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5. Add 250 μl of A1 Buffer. Mix the solution well by vortex or pipetting—the pellet must be 
fully dissolved!
6. Add 250ul of A2 buffer and mix by gently inverting the tube 6-8 times.
7. Incubate the A2 buffer mixture for 5 minutes at room temp. or until the solution is clear.
8. Add 300ul of A3 buffer mix by gently inverting the tube 6-8 times.
9. Centrifuge the sample for 5min. at 11,000g. Repeat if the solution is still cloudy.
10. Place a column in a collection tube, then add no more than 750ul of step #9 solution to the 
 column.
11. Centrifuge the column for 1min. at 11,000g. Discard flow-through but keep the tube.
12. Repeat steps 10 and 11 to load the remaining sample (50ul if you did 750ul before).
13. Add 450ul AQ buffer, then centrifuge for 3min. at 11,000g.
14. Place the column in a clean microcentrifuge tube and add 50ul AE buffer.
15. Incubate for 1min. at room temp., then centrifuge for 1min. at 11,000g to obtain purified 
plasmid DNA.
16. Nanodrop DNA to obtain concentration and quality information (see Nanodrop protocol).
17. Store plasmid DNA at -20C.
18. Proceed to the “Preparing Samples for (Sanger) Sequencing” Protocol.
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Preparing Samples for (Sanger) Sequencing
1. How to prepare samples depends two key factors:
1. The facility
2. Whether you have double stranded DNA (via miniprep) or PCR products (via gel 
    cleanup)
 
2. In most cases, prepped samples include sample DNA and the forward OR reverse primer.
3. Example standards (check facility websites or contact directly for up-to-date 
requirements!)
A. UNH Hubbard Center for Genomic Studies (HCGS) DNA Sequencing Core Facility
     [http://hcgs.unh.edu/] [http://dnacore.unh.edu/overview.php]
1. Double stranded DNA (such as miniprepped plasmid DNA): 150-300ng
    PCR products: varies according to amplicon size. 1-50ng
2. Primer [ ]: 2uM or 5M, depending upon sample. 
(for 2uM, add 0.6ul from a 20uM working stock)
3. Water: add as needed to reach the total volume.
Total volume: 6ul
B. Dartmouth Hitchcock Cancer Center
[http://cancer.dartmouth.edu/molecular_biology/dna_sequencing.html]
1. Double stranded DNA (such as miniprepped plasmid DNA): 200-500ng, 10.8ul max
    PCR products: varies according to amplicon size. 1-100ng, 10.8ul max
2. Primer [ ]: 1pmole/μl, 2ul max
3. BigDye Terminator Mix? 4ul
4. Buffer / H2O: add as needed to reach the total volume.
Total volume: 20ul
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ISH Riboprobe Synthesis
Plasmid DNA Template 
Conduct a 12.5ul PCR to obtain the M13 amplicon from your miniprepped plasmid DNA.
buffer (10X) 1.25 μl dNTPs (10 mM each) 1 μl 
M13 forward primer (5 μM) 0.5 μl        M13reverse primers (5 μM) 0.5 μl 
Ex Taq polymerase 0.1 μl RNase free water 9.15μl 
template plasmid DNA trace 
Total 12.5 μl
Conversely, the product of a M13 primer Colony PCR, after PCR product purification, can be 
used directly as the template for riboprobe synthesis.
Synthesis of sense and antisense riboprobes 
Have Hyb. buffer made in advance!
RNase free water   0-9μl 
M13 PCR amplicon template:   0-9μl (up to 1000ng)
5X T7 buffer or 5X SP6 buffer (use Invitrogen)   4μl
T7 or SP6 RNA Polymerase   2μl
Dig-labeling NTP mix   2μl
0.1M DTT   2μl
Total:   20μl
Incubate the solution for 4h @ 37C in the PCR machine
RNA Purification #1 (20ul initial volume)
1. Add 10ul of 7.5M ammonium acetate (Ammonium acetate:solution ratio is 1:2)
2. Add 60ul of cold 100% ethanol (ethanol:solution ratio is 3:1)
3. Vortex sample, then incubate at -20C for at least 6 hours (overnight is better).
4. Centrifuge sample for 20min. at 12,000rpm and 4C.
5. Discard supernatant, then wash the pellet with 500ul cold 70% ethanol.
6. Centrifuge the sample for 5min. at 10,000rpm and 4C.
7. Discard supernatant, then dry the pellet in a vacuum centrifuge on medium heat for 3 
minutes. Ideally, the pellet should not turn white/opaque.
RNA Hydrolysis
1. Add 50μl RNase free H2O to the pellet.
2. Add 30μl of 0.2M Sodium carbonate (Na2CO3).
3. Add 20ul 0.2M Sodium bicarbonate (NaHCO3)
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4. Hydrolyze at 60C for t minutes, where 
t = (Length original - Length desired) / 0.11 x Length original x Length desired.
[http://stanxterm.aecom.yu.edu/wiki/index.php?page=In_vitro_transcription_for_RNA_probe]
http://www4.ncsu.edu/~rgfranks/research/protocols/in%20situ/PVA%20in%20situ.pdf
An example for T7 AbdA probe:
t = (0.651 - 0.200) / (0.11 x 0.651 x 0.200)
t = 0.451 / 0.014322
t = 31.4900153609831 min. = 31.5min
5. Halt the reaction by adding 5ul of 10% Glacial Acetic Acid.
RNA Purification #2 (105ul initial volume)
1. Add 52.5ul of 7.5M ammonium acetate
2. Add 315ul of cold 100% ethanol
3. Vortex sample, then incubate at -20C for at least 6 hours (overnight is better).
4. Centrifuge sample for 20min. at 12,000rpm and 4C.
5. Discard supernatant, then wash the pellet with 500ul cold 70% ethanol.
6. Centrifuge the sample for 5min. at 10,000rpm and 4C.
7. Discard supernatant, then dry the pellet in a vacuum centrifuge on medium heat for 3 
minutes. Ideally, the pellet should not turn white/opaque.
8. Resuspend the pellet in 15ul RNase free H2O. Heat the sample for no more than 2min. at no 
higher than 50C.
9. Vortex to make sure the pellet is dissolved.
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10. Preheat Hyb. buffer to 56C and aliquot in eppies with riboprobes in order to make 100ng/μl 
stock riboprobe dilutions.
NOTE: Brigid used 100-1000ng/ml in Wg ISH, ie. 0.1-1.0ng/μl. 
According to the Roche DIG-labeling kit instructions, 1ug of template should result in 
     10ug of riboprobe.
11. Finger flick the tubes and spin down, then store diluted riborpobes at -20C.
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Riboprobe Dot-Blots
1. Obtain a sterile petri dish, pair of tweezers, and razor blade.
2. Cut a piece of membrane that will fit in the petri dish.
3. Spot 1ul of all RNA (kit supplied control RNA, control RNA dilutions, and riboprobe 
samples) onto the membrane.
4. Use a UV transilluminator to crosslink the RNA. The ideal exposure level is120mJ per 
Cm^2. [15 seconds on Dr. Doherty’s machine from Fisher Scientific]
5. Rinse the membrane 2X for 5min each in DEPC PBTw
7. Soak the membrane in 1:5000 anti-Fab dilution in DEPC PBTw in the petri dish for 30min. 
on a shaking table at low rpm 
(Using a “table” on a pulsing vortex mixer at 800rpm works excellent as well.)
8. Place the membrane back in the petri dish, then rinse twice in PBTw for 5min each. 
9. Equilibriate the membrane for 5min. in AP buffer.
10. Use NBT/BCIP solution to develop the membrane in a different petri dish for 5 min, gently 
agitated on a shaking table. 
11. Take the membrane out of the bag and air-dry on the lid of the petri dish. This can then be 
placed (on a Kem wipe!) in the Chabot lab imager to take a picture. 
12. For long term storage, cover the membrane with tape on your datasheet, etc.
Adapted from: O’Donnell, B. C., & Jockusch, E. L. 2010. The expression of wingless and 
Engrailed in developing embryos of the mayfly Ephoron leukon (Ephemeroptera: 
Polymitarcyidae). Development, Genes, and Evolution. 220 (1-2): 11-24.
Originally cited, in part, from: Huang C-Y, Kasai M, Buetow DE. 1998. Extremely-rapid 
RNA detection in dot blots with digoxigenin-labeled RNA probes. Genet Anal Biomol Eng 
14:109–112
Info on UV Crosslinking provided by: https://www.thermofisher.com/us/en/home/references/
ambion-tech-support/northern-analysis/tech-notes/membrane-transfer-and-crosslinking-for-
rna.html
NOTE: ThermoFisher recommended “an exposure of approximately 120 millijoules/cm2”, 
which translates to roughly “one minute exposure with 254 nm light or three minutes with 302 
nm light.” your machine has 312nm UV light, which would imply an exposure slightly longer 
than 3 minutes.
However, the scenario is a little different when looking at energy output: your machine 
has an output of 8000µw/cm2. This = 8 milliwatts, and if E(J) = P(W) × t(s), then we have 8 
millijoules per second. Since the above source said an ideal target is 120 millijoules/cm2, it 
seems fair to say that an exposure of 15 seconds would suffice. This is obviously a far cry from 
3+min!
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dsRNA Synthesis
Prior Steps: Primer Design, Gene Amplification, and Sequencing
In  order to conduct dsRNA synthesis, purified plasmid DNA containing your gene of interest 
must be available. Hence, the following must be done:
1. Design forward and reverse primers to amplify your gene of interest, then confirm their 
efficacy via electrophoresis of the PCR product on an agarose gel. 
2. If the proper band size is obtained, clone your product into an E.coli plasmid and sequence 
miniprep plasmid DNA to confirm amplification of the proper gene sequence. 
3. Once proper amplification and sequencing of your gene is confirmed, make a new set of 
primers specifically for dsRNA synthesis by adding the T7 promoter sequence 
[taatacgactcactataggg] to the 5’ end of the forward and reverse primers. 
dsRNA Synthesis Template 
1. Amplify your gene of interest using the T7 modified primers, as follows. For the trace amount 
of template, dipping a pipette tip into your template solution is sufficient.
10X buffer 1.25μl 
10 mM each of dNTPs  1μl 
5 μM forward primer 0.5μl
5 μM reverse primers 0.5μl 
Taq polymerase 0.1μl 
template plasmid DNA Trace amount 
nuclease-free water 9.15μl
Total: 12.5μl
   For this reaction, use the following program in a thermocycler:
98C         2min.
98C   10sec
50C 30sec
72C 30sec
72C         2min
12C         hold
dsRNA Synthesis 
1. Mix the following in a 200ul tube, using your PCR-amplified gene from step #1 as your 
template:
RNase free water   7μl
10X Reaction Buffer   2μl
T7 RNA Polymerase mix   2μl
NTP mix (equal amount of A,T,U,G)   8μl
PCR Template   1μl
Total   20μl
2. Incubate the solution for 2-4 hours (3h is ideal) at 37C.
3. Add 1ul of Turbo DNase, then incubate for 15min. at 37C.
  Cycle 35 times
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RNA Annealing
1. Run the program “Anneal dsRNA” on a thermocycler:
95℃         3min.
-0.1C/sec  
45℃         1min
12℃         hold
2. Once the program is complete, add 79ul of RNase free water for a total of 100μl
3. Transfer solution to a 1.5mL microcentrifuge tube.
dsRNA Purification
1. Add 50ul of 7.5M ammonium acetate
2. Add 300ul of cold 100% ethanol
3. Vortex sample, then incubate at -20 ℃ for at least 6 hours (overnight is better).
4. Centrifuge sample for 20min. at 12,000rpm and 4℃.
5. Discard supernatant, then wash the pellet with 500μl of cold 70% ethanol.
6. Centrifuge the sample for 5min. at 10,000rpm and 4℃.
7. Discard supernatant, then dry the pellet in a vacuum centrifuge on medium heat for 10-15 
minutes. Ideally, the pellet should not turn white/opaque.
8. Resuspend the pellet in 30ul RNase free H2O. Heat the sample for no more than 2min. at no 
higher than 50C.
9. Vortex to ensure the pellet is dissolved, then check the dsRNA for contamination via UV 
spectrophotometry (e.g., Nanodrop) and proper sequence size + double stranded 
structure via gel electrophoresis. 
— For spectrophotometry, both the 260/280 and 260/230 values should be higher than 2.0.
— For electrophoresis, run your dsRNA along with the PCR template used for dsRNA 
synthesis. Since both are double-stranded, they should run out to the same length. If 
your RNA is single stranded, it will run about twice as far on the gel.
10. Store dsRNA at -20C for up to three months (a conservative estimate; dsRNA at -20℃ 
could be viable for 6 months or more).
Recipes and Reagents
— dsRNA synthesis is done using the T7 Megascript Kit (Invitrogen); hence, the reagent 
volumes used may vary according to your available kit or supplies.
— Turbo DNase was obtained from Ambion.
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Chemical Formulas
DEPC water
1. Obtain a beaker (minimum of 500mL).
2. Add 1mL DEPC per L dH2O (0.1% DEPC in water). for 500mL, add 500ul of DEPC to 
499.5mL dH2O.
3. Spin solution overnight using a sterile magnetic stir bar; cover the cylinder with aluminum 
foil.
4. Pour the solution into 1 or more black-capped 500mL glass bottle. Instead of the cap, cover 
the bottles with aluminum foil.
5. Autoclave the bottle(s) (Current machines can do 30 minutes at 121C (called the “liquid30” 
setting).
6. Once cool, remove and place in RNA-equipment storage.
Use DEPC water for:       10% Tween 1X PBS dilution
10X TBE Buffer (1L)
Mix together in a large beaker:
108g TRIS Base
55g boric acid
9.3gEDTA
1000mL distilled water
Mix well over the course of several hours until fully dissolved. Store in a sealed glass 
container at room temp.
PBTw (0.1% Tween) PBTr (0.1% Triton-100X)
1:10 dilution of 10X PBS 1:10 dilution of 110X PBS
1:10 dilution of 100% Tween 1:10 dilution of 100% Triton
1:100 dilution of 10% Tween in 1X PBS 1:100 dilution of 10% Triton in 1X PBS
For 1,000ml:
990ml diluted buffer (99ml 10Xbuffer + 891ml dH2O)
10ml diluted reagent (1ml reagent + 9ml dH2O)
For 100ml
9.9ml 10XPBS + 89.1ml DEPC H2O + 1ml 10% OR 100ul 100% tween
For 50ml
4.95 10XPBS + 44.55 DEPC H2O + 0.5ml 10%tween OR 50ul 100% tween
TE Buffer
Final Concentrations:
10 mM Tris-HCl (pH 7.5 or 8.0) 
1 mM 0.5M EDTA (pH 8.0)
To make 1000ul (one 1.5mL Eppendorf tube)
100ul 0.1M TrisHCl
2ul 0.5M EDTA
898ul distilled water/RNase free water 
This can be stored at room temperature.
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Dugusia Blocking Buffer
2% BSA (Bovine Serum Albumen) in PBTr
To make 50mL:
50.0mL PBTr
1.0g BSA
Blocking buffer remains viable at 4 C for several weeks.
0.2% BSA in PBTr: NEW REVISION 10-27-15
Buffered glycerol with anti-fade. (IE, 80% glycerol in 2% n-propylgallate)
See p. 27 of “Immunohistochemistry: Basics and Methods”
Also see http://www.ihcworld.com/_protocols/histology/aqueous_mounting_medium.htm
“Buffered glycerol is used mainly for fluorescent immunohistochemical preparations. 
The high pH provides for optimally efficient fluorescence of the commonly used labels. The 
added p-phenylenediamine (PPD) (Platt & Michael, 1983) or n-propyl gallate (Longin et al., 
1993; Battaglia et al., 1994), retards fading.”
“Keeps for at least 3 months, probably much longer, in darkness (which protects the 
anti-fade agent) at -20C. The working bottle is kept at 4C, for a week or two.”
For 50mL:
40mL glycerol
1g n-propylgallate
Fill to 50mL with 1XPBS
Hybridization Buffer
500mL (mix in autoclaved glass bottle)
50% formamide 250ml
20XSSC (5X final [ ]) 125ml
50X Denhardt’s reagent (1X final [ ]) 10ml
10% Tween in DEPC (0.1% final [ ]) 5ml
(10% Tween = 1mL tween + 9mL DEPC water)
CHAPS in DEPC (0.1% final [ ]) 0.5g
100mg/ml herring sperm DNA (200 μg/ml final [ ]) 1ml
DEPC Water 119ml
Aliquot the 500mL into 10 new falcon tubes. Label and date, then store at -80℃
Plain Hybridization Buffer
500mL (mix in autoclaved glass bottle)
50% formamide 250ml
20XSSC (5X final [ ]) 125ml
10% Tween in DEPC (0.1% final [ ]) 5ml
(10% Tween = 1mL tween + 9mL DEPC water)
DEPC Water 120ml
Aliquot the 500mL into 10 new falcon tubes. Label and date, then store at -80℃
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To make 50mL of Hyb. from 25mL of plain hyb, add the following to the 25mL plain hyb:
12.5mL Formamide
6.25mL 20XSSC
0.25mL 10% Tween
1mL Denhardt’s
0.1mL Herring Sperm DNA
0.05g CHAPS
Fill to 50mL with DEPC-H2O
1X SSC (50mL). 
(20X)? = (50mL)(1X)    ? = 2.5mL
Add 2.5mL 20X SSC to 47.5mL DEPC water
2X SSC (50mL)
(20X)? = (50mL)(2X)    ? = 5mL
Add 5mL 20X SSC to 45.0mL DEPC water
1X SSC with 0.1% CHAPs (50mL)
0.1g / 100mL
?g / 50Ml
?g = 0.05g
Hence, add 0.05g of CHAPs to 40mL of 1X SSC, then fill to 50mL.
2X SSC with 0.1% CHAPs (50mL)
Add 0.05g of CHAPs to 40mL of 2X SSC, then fill to 50mL.
Alkaline phosphatase (AP) buffer / NTMT (1L) 
(Cold Spring Harbor Version, http://cshprotocols.cshlp.org/content/2007/8/pdb.rec11088.full?
text_only=true)
100 mM = 0.1M Tris–Cl
100 mM = 0.1M NaCl
50 mM = 0.05M MgCl2
1% Tween
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pH9.5
Add 12.114g of Tris Base
Add 5.844g of Sodium chloride
Add 4.7605g of MgCl2
FOR 50ML:
12.114g (0.050L) = 0.6057g of Tris Base
5.844g (0.050L) = 0.2922g of Sodium chloride
4.7605g (0.050L) = 0.238025g of MgCl2
(100%Tween)(?) = (1%Tween)(50mL)
? = 0.5mL = 500ul
Add these to ~40mL DEPC water.
Adjust to pH 9.5 with HCl
Fill to 50mL with DEPC water
“Some alkaline phosphatase buffer recipes use only 0.1% Tween 20; a concentration of 1% 
helps to decrease occasional nonspecific precipitates.” 
Stock solutions:
1M Tris–Cl @ 9.5pH
5M NaCl
1M MgCl2
For 1L (1,000mL) of stock solutions:
Add 121.14g of Tris Base
Add (58.44 * 5) = 292.2g of Sodium chloride
Add 95.21g of MgCl2
For 20mL of stock solutions:
121.14g / 1000mL = Xg / 20mL —> X = 2.4228g Tris Base, adjust with HCl to pH 9.5
292.2g / 1000mL = Xg / 20mL —> X = 5.844g Sodium Chloride
95.21g / 1000mL = Xg / 20mL —> X = 1.9042g MgCl2
To make 20mL fresh NTMT from stock solutions, combine the stock solutions thus:
4mL / 200mL = XmL / 20mL —> X = 0.4mL of 5M NaCl
20mL / 200mL = XmL / 20mL —> X = 2mL of 1M Tris-Cl pH 9.5
10mL / 200mL = XmL / 20mL —> X = 1mL of MgCl2 (OR add 0.2922g of solid MgC12 
directly?)
2mL / 200mL = XmL / 20mL —> X = 0.2mL of Tween
Note: adding these all together does lower the net pH a little, (to around ~ 9.44).
Carnoy’s solution 
6 parts ethanol, 3 parts chloroform, 1 part glacial acetic acid.
Store at room temperature in a sealed glass container. (for student groups: make 2 
100mL glass bottles.)
60mL Ethanol, 30mL Chloroform, 10mL glacial acetic
Drosophila Fixative
5% Formaldehyde in PBTr
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To make 50mL, add 2.5mL to 47.5mL PBTr
Agarose Gel
0.60g Agarose powder
60mL of 1X TBE Buffer
Microwave 1 minute, or until it begins to bubble. Stop, then microwave until 
bubbling.
1. Let the flask cool on the counter for 10 minutes, or until easy to touch.
2. Add 6ul of SYBR Safe (light sensitive!) Mix well.
3. Pour liquid into gel mold, and cover with a box for 30 minutes.
Kanamycin 
Stock: 50mg/mL in PCR-grade H2O
Xgal
400mg Xgal
10mL DMSO
Aliquot into ten 1mL tubes for a stock concentration of 40mg/mL. 
Wrap the tubes in foil, then store at -20C.
IPTG (NOTE: some IPTG comes ready-to-use. Read the manufacturer’s instructions!)
238mg IPTG
10mL dH2O
Aliquot into ten tubes for a stock concentration of 100mM. 
Store tubes at -20C.
Agar Gel Plates
188 mL of deionized water 
63 mL of fruit juice (grape is preferable) 
7.5 g of agar 
3.0 g of sucrose 
1. Mix and microwave for 2-3 minutes (watch carefully for foaming!) then cap and 
    shake. 
2. Microwave for 30-45 seconds (again, stop at heavy foaming) then cap and mix.  
3. Let cool for 10-15 minutes 
4. Add 5 mL 100% ethanol (ethyl alcohol) 8. Add 2.5 mL glacial acetic acid, then 
    mix well. 
5. Pour plates and let solidify, then place in a bag and store in the fridge 
6. Makes approximately 10? shallow petri dish plates.
Turbo DNase Kit (Invitrogen)
Reagents should be frozen/thawed no more than 5 times. Thus when aliquots are made, 
they should be made en mass in order to maintain good quality of future aliquots. Each time a 
stock or aliquot is thawed, be sure to mark the tube.
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2% hydrochloric acid in dH2O (for killing planarians)
6% hydrogen peroxide in absolute methanol [or water??] (for bleaching fixed planarians)
To make 50mL:
3mL H2O2
47mL absolute methanol
Keep containers wrapped in foil.
50% bleach in water (for dechorionating Drosophila / mayfly eggs)
Absolute Methanol and Ethanol (IHC preservations and washes, etc.)
70% Ethanol in dH2O (for preserving morphological specimens)
0.1 M sodium phosphate buffer (1mL) 
1M Na2HPO4 850ul
1M NaH2PO4 150ul
Mix well and pH with a test-strip—pH should be 7.6 at 25 ̊C. Store at 4C for up to 1 year. 
50X Injection Buffer (1mL)
0.1M Sodium phosphate buffer 50ul
0.5M KCl 500ul
RNase free H2O 450ul
Mix well, then store at 4C for up to 1 year.
RNAi Injection Solution
Control Solution (1mL)
50X injection buffer:  20ul
undiluted food dye: 50ul
RNase free H2O: 930ul
Experimental Solution (25ul)
50X injection buffer:  0.5ul
undiluted food dye: 1.25ul
dsRNA:             Variable. Final concentration = 1000-1500ng/μl
RNase free H2O: 25ul — (0.5ul + 1.25ul + μl of dsRNA) = #μl
Aliquot, then store all injections solutions at -20C for up to 3 months (trials can be effective 
even at 6 months though).
0.2M Sodium carbonate (Na2CO3)
0.2M Sodium bicarbonate (NaHCO3)
Formulas of Use
Dilution Equation Dissolving solids into liquids
(original concentration)(volume used) = desired % = Xg in 100mL total volume
(desired concentration)(total final volume)
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Glossary of Terms
Appendicular Of or relating to limbs.
Apterygote A phylogenetic subclass of Insecta containing the wingless insect taxa 
(Archaeognatha 
and Zygentoma).
Articular 
Sclerites
Collectively called the Pteralia, these are key components of the wing base 
which enable wing mobility. The axillary sclerites are developed only in the 
“wing flexing” or neopteran insects, and are responsible for their ability to 
fold their wings over their dorsal side. 
Assembly Collectively refers to the contigs that are formed from reads via a preset 
algorithm. Numerous programs (e.g. CLC Genomics, Trinity, Velvet, Oases) 
and methodologies (de novo, reference genome) exist.
Average 
Coverage
Coverage refers to the number of reads that support the identity of a given 
nucleotide within a contig. Average coverage is thus the average of the 
number of reads (coverage) for every nucleotide in the contig. In general, 
higher average coverage indicates a more accurately constructed contig. 
Biramous Describes a limb structure in which the distal end is split into two branches, 
usually at the first trochanter. This limb structure is commonly seen amongst 
crustaceans.
Chelicerata The phylogenetic arthropod order containing Arachnida (spiders, mites, 
scorpions, ticks), and their relatives.
Contig Short for “contiguous,” this describes a sequence that has been assembled 
(usually via reference genome or de novo) from two or more overlapping 
reads. The greater the number of overlapping reads comprising a contig, the 
greater the contig’s average coverage will be. 
Coxa The first functional limb podomere seen in many arthropods, particularly 
insects. It is generally attached to an immovable structural support called 
the subcoxa; collectively, the subcoxa and coxa comprise the coxopodite, 
which remains unified in a number of arthropod structures.
Coxopodite This primitive structure entails both the coxa and the subcoxa; it serves as 
the first limb podomere for some arthropod species, and can be the basis for 
appendicular structures in others.
Crustacea One of the largest phylogenetic arthropod orders; not counting Insecta, it 
contains major groups like the branchiopods (fairy shrimp, etc.), 
malacostracans (lobsters, crayfish), and numerous others.
De Novo A specific transcriptomic assembly method that does not use any reference 
sequences to construct contigs and scaffolds. 
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Degenerate 
Primer
A primer that is designed to have oligonucleotides at specific points in its 
sequence that can bind to multiple nucleotides. While their binding is less 
specific than traditional primers, degenerate primers are useful when 
working in new model organisms that lack sequence data.
Distal Refers to the end of a structure, further away from the base of the limb and 
the body wall to which it attaches.
Epipodite A limb-like structure emerging from the coxa or coxopodite. These are 
widely seen amongst crustaceans, Trilobites, and Xiphosura. Homologous 
Eppipodite structures may also be found in Hexapoda via styli and 
abdominal gill structures.
Femur The third podomere of a generalized arthropod limb. Along with the tibia, 
this podomere commonly comprises the longest portion of arthropod legs.
Fossorial Describes appendages adapted for burrowing.
Gene Ontology 
(GO) Term:
A classification system organized by the Gene Ontology Consortium, which 
provides GO terms to help identify important functional roles in analyzed 
genetic sequences. These functional roles are organized in a large hierarchy, 
starting with the level two GO terms Biological Process, Molecular 
Function, and Cellular Component.  
Heterochrony A term to describe shifts in the timing or rate of developmental processes 
that result in novel phenotypes. 
Hexapoda The phylogenetic arthropod group containing the class Insecta and three 
non-insect taxa (Collembola, Protura, and Diplura). Generally considered to 
be a subgroup within Pancrustacea.
Imago Describes the stage reached by juvenile insects after their final molt, and 
thus comprises the sexually mature adult stage.
Insecta The most speciose arthropod class; contains approximately thirty orders 
split into apterygote and ptyerygote lineages. including the mayflies 
(Ephemeroptera). Generally considered a subgroup within Crustacea (see 
Pancrustacea).
Intermediate 
Germ 
Development
Refers to a developmental model in which the abdominal segments form 
after gastrulation via sequential additions to a posterior growth zone / germ 
band.
Labrum An anterior, lobe-like structure of the insect head. While it is not considered 
a gnathal appendage, it does provide the anterior lip for the gnathal structure 
of many insects. 
Lamella Generally refers to a thin morphological structure that may be 
membraneous, plate-like, etc. In mayflies, this aptly describes their gill 
morphology.
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Lentic Describes a freshwater ecosystem in which the water is largely still.
Long Germ 
Development
Refers to a developmental model in which the thoracic and abdominal 
segments form simultaneously before gastrulation.
Lotic Describes a freshwater ecosystem in which the water is flowing.
Myriapoda A phylogenetic arthropod group historically considered by some to be sister 
to Insecta. Its current phylogenetic position remains unclear, but it may be 
sister to Pancrustacea.
Pancrustacea A phylogenetic arthropod group containing Insecta and Crustacea. While 
hypotheses vary, insects are generally considered to be sister to one of the 
crustacean orders. 
Podomeres The segments that comprise arthropod limbs.
Pretarsus The sixth and final podomere of a generalized arthropod limb. It consists of 
numerous subsegments, and usually bears claws at the distal end.
Primordia Used to reference a structure in its earliest stages of development. In this 
work, primordia most readily applies to the early thoracic limb buds seen 
during mid-EGB H. limbata embryogenesis.
Proximal Refers to the beginning of an appendage, closer to the base of the limb and 
the body wall to which it attaches.
Pterygote: A phylogenetic subclass of Insecta containing the twenty-eight winged 
insect orders, including the mayflies (Ephemeroptera).
Ramus / Rami Refers to an extending, limb-like structure that is often conjoined with 
another ramus; in mayfly gills, the bilamellate gill form of H. limbata is 
comprised of two rami conjoined at their proximal ends.
Reads Small fragments of sequenced cDNA generated by the shotgun sequencing 
methodology. Reads are used during assembly to construct contigs, and can 
come in single or paired-ends variants. paired ends reads are particularly 
useful for de novo assembly.  
Reference 
Assembly
A specific transcriptomic assembly method that first maps reads to a 
reference assembly (commonly a genome), thus making the construction of 
contigs and scaffolds easier.
Scaffolds / 
Supercontigs
As a contig is the compilation of reads, so a scaffold / supercontig the 
compilation of two or more contigs. In this work, both contigs and scaffolds 
are referred to as simply “contigs.”
Sclerite Sclerites are hardened plates comprising the external surface of arthropods, 
and thus what is called the exoskeleton. 
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Short Germ 
Development
Refers to a developmental model in which the thoracic and abdominal 
segments form after gastrulation via sequential additions to a posterior 
growth zone / germ band.
Stylus / Styli A rudimentary abdominal structure seen in numerous apterygotes that 
emerges from a coxopodite. Some hypotheses suggest they may share 
common ancestry with insect wings or limbs. 
Subimago A post-nymphal, winged stage found only in mayflies. For most mayflies 
this stage is sexually immature, and must molt to the imago stage before 
reproduction can occur.
Tagma / 
Tagmata
Refers to regions of an organism that collectively develop a distinct identity. 
In insects, the major tagmata are the head, thorax, and abdomen.
Tarsus The fifth podomere of a generalized arthropod limb.
Tergum / Terga The sclerotized dorsal portion of a segment, and thus a component of the 
exoskeleton.
Tibia The fourth podomere of a generalized arthropod limb. Along with the femur, 
this podomere commonly comprises the longest portion of the leg.
Trochanter The second podomere of a generalized arthropod limb.
Uniramous Describes a limb structure in which the entire limb is comprised of a single, 
essentially unbranched structure.
Voltinism A term used to reference how many generations a particular species or 
group can produce in a given year. For example, a univoltine insect 
produces one new generation per year.
Parasegment Parasegments are delineated by specific segmentation genes, and are key to 
forming the segments seen in later developmental stages. Each parasegment 
comprises the posterior boundary of one segment and anterior boundary of 
the next. 
Imaginal Disks Imaginal disks are compacted masses of epithelial cells found in some 
holometabolous insects. At the proper point of development (usually post-
pupal adults), these imaginal disks will unfold, forming the adult 
appendages and structures.
Neoptera Literally, “new wing,” a reference to these insects’ ability to dorsally fold 
their wings. Neoptera contains all insect orders except for Odonata 
(dragonflies), Ephemeroptera (mayflies), and the apterygotes. 
Phylogenetic 
Classification
Phylogenetic classification organizes organisms strictly according to 
determined evolutionary history, and emphasizes the formation of 
monophyletic groups (groups that all descended from the same common 
ancestor). 
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Body Plan Stemming from the german “Bauplan,” this concept describes the 
morphology and structural organization that encompasses  a taxonomic 
group, classically a phylum.
